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ABSTRACT
Microfluidic Devices and Biosensors
Long-Fang Tsai
Department of Electrical and Computer Engineering, BYU
Doctor of Philosophy
My research broadly covers various important aspects of microfluidic devices and
biosensors. Specifically, this dissertation reports: (1) a new and effective room temperature
method of bonding polydimethylsiloxane (PDMS) microfluidics to substrates such as silicon and
glass, (2) a new microfluidic pump concept and implementation specifically designed to
repeatedly drive a small sample volume (<1 µL) very rapidly (~500 µL/min) through a sensorcontaining flow channel to significantly decrease sensor response time through advection-driven
rather than diffusion-driven mass transport, (3) use of a new microfluidic material based on
polyethylene glycol diacrylate (PEGDA) to implement impedance-based dynamic nanochannel
sensors for protein sensing, and (4) an investigation of galvanoluminescence and how to avoid it
for conditions important to fluorescence-based dielectrophoresis (DEP) microfluidic biosensors.
Over the last decade, the Nordin research group has developed a lab-on-a-chip (LOC)
biosensor based on silicon photonic microcantilever arrays integrated with polydimethylsiloxane
(PDMS) microfluidics for protein biomarker detection. Integration requires reliable bonding at
room temperature with adequate bond strength between the PDMS element and microcantilever
sensor substrate. The requirement for a room temperature process is particularly critical because
microcantilevers must be individually functionalized with antibody-based receptor molecules
prior to bonding and cannot withstand significant heating after functionalization. I developed a
new room temperature bonding method using PDMS curing agent as an intermediate adhesive
layer. Two curing agents (Sylgard 184 and 182) were compared, as well as an alternate UV
curable adhesive (NOA 75). The bond strength of Sylgard 184 was found to be stronger than
Sylgard 182 under the same curing conditions. Overnight room temperature curing with Sylgard
184 yields an average burst pressure of 433 kPa, which is more than adequate for many PDMS
sensor devices. In contrast, UV curable epoxy required a 12 hour bake at 50 °C to achieve
maximum bond strength, which resulted in a burst pressure of only 124 kPa.
In many biosensing scenarios it is desirable to use a small sample volume (<1 µL) to
detect small analyte concentrations in as short a time as possible. I report a new microfluidic
pump to address this need, which we call a reflow pump. It is designed to rapidly pump a small
sample volume back and forth in a flow channel. Ultimately, the flow channel would contain
functionalized sensor surfaces. The rapid flow permits use of advection-driven mass transport to
the sensor surfaces to dramatically reduce sensor response times compared to diffusion-based
mass transport. Normally such rapid flow would have the effect of decreasing the fraction of
analyte molecules in the volume that would see the sensor surfaces. By configuring the pump to
reflow fluid back and forth in the flow channel, the analyte molecules in the small sample
volume are used efficiently in that they have many opportunities to make it to the sensor
surfaces. I describe a 3-layer PDMS reflow pump that pumps 300 nL of fluid at 500 µL/min for
15 psi actuation pressure, and demonstrate a new two-layer configuration that significantly
simplifies pump fabrication.

Impedance-based nanochannel sensors operate on the basis of capturing target molecules
in nanochannels such that impedance through the nanochannels is increased. While simple in
concept, the response time can be quite long (8~12 hours) because the achievable flow rate
through a nanochannel is very limited. An approach to dramatically increase the flow rate is to
form nanochannels only during impedance measurements, and otherwise have an array of
nanotrenches on the surface of a conventional microfluidic flow channel where they are exposed
to normal microfluidic flow rates. I have implemented such a dynamic nanochannel approach
with a recently-developed microfluidic material based polyethylene glycol diacrylate (PEGDA).
I present the design, fabrication, and testing of PEGDA dynamic nanochannel array sensors, and
demonstrate an 11.2 % increase in nanochannel impedance when exposed to 7.2 µM bovine
serum albumin (BSA) in phosphate buffered saline (PBS).
Recently, LOC biosensors for cancer cell detection have been demonstrated based on a
combination of dielectrophoresis (DEP) and fluorescence detection. For fluorescence detection it
is critical to minimize other sources of light in the system. However, reported devices use a nonnoble metal electrode, indium tin oxide (ITO), to take advantage of its optical transparency.
Unfortunately, use of non-noble metal electrodes can result in galvanoluminescence (GL) in
which the AC voltage applied to the electrodes to achieve DEP causes light emission, which can
potentially confound the fluorescence measurement. I designed and fabricated two types of
devices to examine and identify conditions that lead to GL. Based on my observations, I have
developed a method to avoid GL that involves measuring the impedance spectrum of a DEP
device and choosing an operating frequency in the resistive portion of the spectrum. I also
measure the emission spectrum of twelve salt solutions, all of which exhibited broadband GL.
Finally, I show that in addition to Au, Cr and Ni do not exhibit GL, are therefore potentially
attractive as low cost DEP electrode materials.

Keywords: microfluidics, sensor, PDMS, reflow pump, PEGDA, biosensor, nanochannels,
pumps, spectrometer
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1

INTRODUCTION

The health care system in the United States responds to the medical needs of patients
through clinicians. A clinician evaluates a patient’s symptoms to determine whether certain
treatments are needed or further laboratory tests are required. Some life-threatening diseases,
such as cardiovascular disease and cancer, may not show their symptoms in the early stages. In
the case of cancer, for instance, by the time its symptoms appear, it may have metastasized and
its treatment can become difficult, thus decreasing a patient’s survival rate. Typically, early
detection of cancer can increase the effectiveness of cancer treatment, and in many cases, can
mean the difference between life and death. To date there are more than 200 cancer-related
diseases, and each year millions of people throughout the world face the risk of having cancer.
Cancer is one of the most threatening global diseases and the second leading cause of death in
the United States. The American Cancer Society estimates that in the United States in 2015
there will be 1,658,370 new cancer cases and 589,430 cancer deaths [1].
Early cancer detection is difficult because the causes of cancer are so diverse. Cancer can
be triggered by many factors. They include genetic factors, lifestyle factors such as tobacco use,
unhealthy diet, and physical activities, and environmental factors such as exposure to radiation,
viruses, or cancer-causing chemicals. In many cases existing cancer diagnosis and prognosis
relies on evaluating cell morphology by taking a biopsy and examining the tissue to identify
cancer cells using staining and microscopy, which was developed over 100 years ago. More
1

recent cancer screening technologies involving immunoassays, such as enzyme-linked
immunoabsorbent assays (ELISA), have been developed and used to detect cancer biomarkers.
Immunoassays are highly selective and sensitive. However, they are expensive, low-throughput
and time-consuming because they require trained personnel and laboratory facilities with
sophisticated instrumentation. Moreover, in most cases, only a single biomarker is tested to
screen for the disease. Single-analyte immunoassays ignore the complexity of cancer
development, and may identify only some cancer cases, thus limiting their diagnostic value. On
the other hand, multi-analyte immunoassays using a panel of biomarkers have demonstrated, in
many cases, a much improved detection accuracy in detecting cancer and provided more detailed
information necessary for proper diagnosis than single biomarker immunoassays [2, 3].
Many efforts have been undertaken to study and better understand the nature of cancer,
resulting in the discovery of new genomic and proteomic biomarkers [4, 5]. Today there are a
range of biomarkers associated with various types of cancer. These include proteins (including
enzymes and glycoproteins), DNA modifications, RNA, hormones, oncogenes and other related
molecules of the immune system. Table 1 shows a list of different types of cancers with
associated biomarkers. Biomarkers can be a reliable approach for cancer diagnosis and prognosis
and have been recommended for routine clinical practice [6, 7]. Biomarkers used in clinical
cancer screening are generally proteomic biomarkers that can be used to detect over-expression
of specific proteins in the blood, urine and other body fluids of patients with certain types of
cancer, for instance, PSA for prostate cancer [8], CA 125 for ovarian cancer [9], and CA 15-3 for
breast cancer [10].
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Table 1: Cancers associated with known biomarkers [4]
Type of cancer
Prostate

Biomarker
PSA, PAP, F-PSA

Breast

CA15-3, CA125, CA27.29, CEABRCA 1, BRCA2, MUC1, CEA, NY-BR-1, ING-1
NY-ESO-1, CEA, CA19-9, SCC, CYFRA21-1, NSE
CEA, CA19-9, CA24-2
CA125, AFP, hCG, CEA
BAT, FDP, NMP22, HA-Hase, BLCA-4, CYFRA 21-1,
NSE
Chromosomal abnormalities
AFP, CEA
SCC

Lung
Colon and pancreatic
Ovarian
Bladder
Leukemia
Liver
Esophagus carcinoma

Lab-on-a-chip (LOC) biosensors based on microfluidics have generated strong interest
for over two decades as a promising approach to realize low cost, multi-analyte biomarker
detection for early, pre-symptom cancer detection [11-15]. The use of microfluidics reduces the
amount of required sample fluids and moves them efficiently to the LOC sensor surfaces so that
reactions can happen more quickly. Biosensors for biomarker analysis based on micro and
nanofabrication technologies can greatly decrease the cost of manufacturing sensor devices,
increase the speed of clinic diagnosis, and assist the clinician and physician in cancer detection,
prognosis, and treatment.
Much effort has been directed to developing and searching for a revolutionary biosensor
for cancer detection. Based on the sensing principles used, biosensors can be classified as
optical, electrochemical, and mass-sensitive. Optical biosensors have been popular for
immunoassay because of their advantages, such as high specificity, sensitivity, and fast signal
generation and reading. Various optical-based biosensors have been developed, including
fluorescence [16-18], chemiluminescence [19-21], and surface-plasmon resonance (SPR) [2224]. Electrochemical biosensors are also attractive, because they are cheap and simple to
3

fabricate, easy to operate, and can be miniaturized to small portable devices. Electrochemical
biosensors use electrochemical measurements to detect antibody-antigen interaction, which have
been developed with different technologies, such as potentiometric [25, 26], amperometric [27,
28], capacitive [29, 30], conductometric [31, 32], and impedance [33, 34]. Mass-based
biosensors are attractive in detecting biomarkers because of their advantages, which include
label-free and real-time detection. The main focus of the mass-based sensors development is
quartz crystal microbalance (QCM) [35-37] and mass spectrometry [38-40]. Recently,
microcantilever-based sensors, sometimes used in a mass-based mode, have also attracted
attention and have been developed and applied to cancer biomarker detection [41-43].
The Nordin research group at Brigham Young University (BYU) developed biosensors
consisting of large arrays of microcantilevers for biomarker screening [44-46]. As a member of
the research group, I designed, fabricated and tested polydimethylsiloxane (PDMS) microfluidic
devices and integrated them onto silicon-based microcantilever sensors [47, 48]. In the process, I
developed a new approach for room temperature bonding of PDMS to a silicon surface using a
curing agent as an intermediate adhesive layer [49]. I also designed and fabricated a novel
micropump, capable of transporting a small sample volume (300 nL) at an average volumetric
flow rate of 500 µl/min [50]. While use of microcantilevers as a biosensing platform was
promising in many aspects, the sensor responses were lower than required for biomarker
screening [48].
In searching for an effective, simple, and label free transduction method for biomarker
screening, I chose to explore a new LOC impedance-based nanochannel biosensor which I call a
“dynamic nanochannel array sensor”. Different from conventional nanochannel sensors with a
fixed nanochannel configuration, the proposed sensor forms nanochannels dynamically. The
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formation of dynamic nanochannels increases the molecular flux in the nanochannels and
dramatically reduces the sensor response time as a result. The initial demonstration of such
dynamic nanochannel formation was performed using PDMS microfluidics. The experimental
results were encouraging; however, the PDMS approach was problematic [51]. An alternative
material polyethylene glycol diacrylate (PEGDA) was utilized to replace PDMS. I present the
design, fabrication, and test results of a dynamic nanochannel array sensor integrated with
PEGDA microfluidics.
Another biosensing approach uses dielectrophoresis (DEP) to separate biomolecules of
interest, and this has recently been combined with highly sensitive fluorescence spectroscopy as
a detection mechanism. The use of DEP microfluidics integrated with fluorescence detection as
LOC biosensors for cancer screening is promising and attractive. However, the detection limits
of this type of sensor are intensely affected by the background optical noise. Background optical
noise, caused by other light generation such as galvanoluminescence (GL) rather than light
emission from the fluorescent molecules, is not ideal and must to be avoided in order to increase
the sensitivity of the sensor. In a joint project with Dr. Mazzeo of the Department of Electrical
and Computer Engineering at BYU, GL from electrodes in DEP devices is examined to identify
conditions in which light generation can be inhibited. This can provide solutions and useful
guidelines, especially for those who use 3-D DEP combined with fluorescence detection, to
prevent GL from happening.
Results from my research have so far appeared in the following refereed journal papers:
1.

L. Tsai, W. C. Dahlquist, S. Kim, and G. P. Nordin, “Bonding of Polydimethylsiloxane
Microfluidics to Silicon-Based Sensors,” Journal of Micro/Nanolithography, MEMS, and
MOEMS, vol. 10, no. 4, pp. 043009-043009-8, 2011.
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2.

S. J. Ness, R. R. Anderson, H. Weisheng, D. C. Richards, J. Oxborrow, T. Gustafson, L.
Tsai, K. Seunghyun, B. Mazzeo, A. Woolley, and G. P. Nordin, “Weak AdsorptionInduced Surface Stress for Streptavidin Binding to Biotin Tethered to Silicon
Microcantilever Arrays,” Sensors Journal, IEEE, vol. 13, no. 3, pp. 959-968, 2013.

3.

C. I. Rogers, J. B. Oxborrow, R. R. Anderson, L. Tsai, G. P. Nordin, and A. T. Woolley,
“Microfluidic Valves Made from Polymerized Polyethylene Glycol Diacrylate,” Sensors
and Actuators B: Chemical, vol. 191, no. 0, pp. 438-444, 2014.

4.

B. Haslam, L. Tsai, R. R. Anderson, S. Kim, W. Hu, and G. P. Nordin, “Microfluidic
Reflow Pumps,” Biomicrofluidics, vol. 9, no. 4, pp. 044104, 2015.

5.

L. Tsai, Hua Gong, K. Dallon, B. Mazzeo, and G. P. Nordin, “Light Emission from
Electrodes Under Dielectrophoresis (DEP) Conditions”, submitted to Journal of
Micro/Nanolithography, MEMS, and MOEMS, January 20, 2016.

1.1

DISSERTATION OVERVIEW
The dissertation is organized as follows. Chapter 2 introduces background information

including the materials that can be used in constructing microfluidic systems and an overview of
the sensor platforms utilized in my research.
Chapter 3 reports bonding PDMS to silicon using a thin (~2 µm) intermediate adhesive
layer stamped onto a PDMS piece prior to bonding. The results of a comparison of Sylgard 184
and 182 curing agents and a UV curable adhesive (NOA75) as adhesive layers are presented. The
effect of both curing temperature and duration on curing agent is examined. Bond strength for
the different adhesives is determined by measuring the average burst pressure at a PDMS-silicon
interface using a PDMS test design.
Chapter 4 presents the fabrication and demonstration of a three-layer PDMS microfluidic
6

pump capable of pumping a closed volume of 300 nL back and forth in a microchannel at an
average volumetric flow rate of 500 µL/min for 15 psi actuation pressure. The chapter also
demonstrates that the same pump function can be accomplished and improved with only two
PDMS layers, which significantly simplifies the pump design and significantly reduces the
required fabrication time.
Chapter 5 presents a theoretical model and the design, fabrication, and experimental
results of a dynamic nanochannel array impedance-based sensor that uses PEGDA microfluidics.
The sensor response is tested with non-specific adsorption of BSA. The test shows an 11.2%
increase in impedance.
Chapter 6 reports the results of galvanoluminescence (GL) generation from electrodes in
DEP conditions. It also describes how GL is observed using both a PMT and a spectrometer.
Furthermore, the chapter reports the experimental spectrum results of 12 different salt solutions
and test results of various electrode metals such Au, Cr, and Ni.
Chapter 7 summarizes the findings of the research and provides recommendations for
further research in this field.
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2

BACKGROUND

In this chapter, I review several materials used for fabricating of microfluidic devices,
followed by two types of biosensors related to my dissertation research. In both cases, the
concepts presented in this chapter provide context for the technical content of subsequent
chapters.

2.1

MICROFLUIDICS MATERIALS
Since its first introduction in the 1970s [52], microfluidics has attracted much attention

and continues to be an active research area. Originally, silicon and glass were utilized to
construct microfluidic systems using standard microfabrication processes developed in the
integrated circuit (IC) industry. In the late 1990s, a new material, polydimethylsiloxane (PDMS)
was introduced for making microfluidic systems [53]. The introduction of PDMS was a game
changer, because it dramatically lowered the fabrication costs and significantly reduced the
manufacturing steps compared to its predecessors. Since then a wide range of materials has been
explored and applied in microfluidics.
In the design phase of creating a microfluidic system, it is crucial to choose a proper
material, based on the function and application of the system. There are many material properties
and characteristics that need to be considered when selecting a material, including optical
transparency, air permeability, flexibility, nonspecific adsorption, integration compatibility, and
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solvent/acid stability. Once the material is chosen, it is important to select or to develop the
fabrication processes and manufacturing techniques required to work on and to build the fluidic
system with the material.

2.1.1

Silicon and Glass
In the early days of microfluidics systems, the first material of choice for constructing

microfluidic devices was silicon. Because the existing micromachining techniques in making
microfluidic devices at that time were adopted from the semiconductor industry, they were
developed and optimized for silicon in making transistors and computer chips. Depending on the
designs and applications, the fabrication process can involve photolithographic patterning, metal
thin film coating, dry/wet etching techniques in creating channels into silicon substrates, or one
can simply create channels in photoresist. In addition the surface chemistry associated with
silicon (Si-OH) is well developed and studied, therefore surface modification can be readily
achieved. However, silicon is not compatible with fluorescence detection if the fluidic channel is
created and embedded in silicon because it is opaque to ultraviolent-visible light. Moreover,
silicon is not an insulator, which makes it an unsuitable material to generate electro-osmotic flow
(EOF) with high applied voltages. The use of glass as a substrate material becomes attractive,
because it is optically transparent, it is an insulator, and it is compatible with many of the
micromachining techniques of silicon. Moreover, the surface chemistry is also silanol-based. As
a result, the interest in using glass as a substrate material for fluidic application grew
increasingly. However, both silicon and glass are not easy to be made into active components
such as valves and pumps because of their high elastic modulus, and are expensive to use due to
the need of a cleanroom environment with costly processing tools.
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2.1.2

Polydimethylsiloxane (PDMS)
Some of the advantages of PDMS include optically transparent, air permeable, and easier

and cheaper to work with than silicon and glass [54]. PDMS has a low elastic modulus (300-500
kPa), which makes it a great material for constructing valves and pumps [55]. Since its
introduction in the late 1990s, PDMS has become one of the most common materials in making
microfluidic systems. To create complex fluidic designs with valves, pumps, and microchannels
using PDMS, soft lithography techniques can be utilized [56]. The soft lithography process
includes (1) making molds with patterns using photolithography, (2) pouring an uncured mixture
of PDMS over a mold, (3) baking the mold and PDMS to cure the PDMS, (4) removing the
cured PDMS, (5) fabricating multiple layers individually with separate molds, and (6) bonding
the layers together to form a completed microfluidic device. The general process of soft
lithography is shown in Figure 2-1. One of the disadvantages of PDMS is that it is a hydrophobic
material, which leads to nonspecific adsorption and permeation by hydrophobic molecules. To
overcome this issue, chemical modification is required such as plasma treatment [57], dynamic
coating [58], or atom-transfer radical polymerization (ATRP) [59] to achieve desired surface
properties.

Figure 2-1: Soft lithography process. See text for details.
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2.1.3

Polyethylene Glycol Diacrylate (PEGDA)
The nonspecific adsorption nature of PDMS is undesirable and problematic when trying

to detect low concentrations of target molecules in solution because the target molecules can
attach to the PDMS before reaching the sensor surface. Even though this issue can be solved by
chemical modification, it complicates the fabrication process and increases the overall cost in
device manufacturing. Over the last decade, alternative materials have been developed and
researched to replace PDMS.
My graduate student colleague, Dr. Chad Rogers, developed poly-PEGDA, which does
not require chemical modifications and can be fabricated using similar methodology used to
make PDMS microfluidics [60]. Poly-PEGDA demonstrates resistance to nonspecific adsorption
of proteins and permeation of hydrophobic molecules, and is stable in water when PEGDA (258
Da) with 0.0015% to 1.0% DMPA photoinitiator is used. Poly-PEGDA also has desirable
characteristics similar to that of PDMS: it is optically transparent and has low intrinsic
background fluorescence. Moreover, Rogers et al. developed a multi-layer fabrication method
and demonstrated the fabrication and measurement of PEGDA microfluidic valves with a threelayer valve design, and tested the valve function and stability after the device was fabricated
[61]. Successful results indicate that integrated PEGDA microfluidic systems with channels,
valves, and even pumps are possible for applications such as small-sample-volume biosensing or
impedance detection.

2.2

SENSORS
In this section I review microcantilever sensing, which is related to the material in

Chapter 3, and sensing with nanochannels, which is applicable to the material in Chapter 5.
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2.2.1

Microcantilever Sensor
Microcantilevers are attractive as a label-free, selective, and highly sensitive sensing

platform because the microscopic size of the cantilevers results in a low spring constant such that
microcantilevers are highly sensitive to forces and stresses applied [62]. For sensing applications,
one or two surfaces of a microcantilever are functionalized with immobilized receptors, which
have a high affinity toward the target analyte. Microcantilever sensors are typically operated in
one of the two modes: static deflection or dynamic resonance. When a microcantilever operates
in the static deflection mode, it requires only one side of the surface to be functionalized. When
the target analyte is selectively captured on the functionalized surface, a differential surface
stress is created which causes the microcantilever to deflect, as shown in Figure 2-2. In the case
of the dynamic mode, the resonance frequency of a microcantilever is monitored before and after
analyte adsorption, as shown in Figure 2-3. When analyte is adsorbed onto the microcantilever,
its overall mass increases, resulting in a frequency shift. The advantage of the dynamic mode
over the static deflection mode is that the single-surface-functionalization is not required, which
reduces the surface preparation steps for the sensor. The dynamic resonance mode tends to be
operated in air or vacuum environments with great sensitivity. However, when it operates in
liquid environment, its sensitivity suffers because of the large damping effect on oscillations
from the viscous liquid. To operate in liquid environments, the deflection mode is the preferred
approach.
There are a number of readout methods that can be utilized to measure the changes of a
cantilever, such as piezoresistive [63], piezoelectric [64], and capacitive [65] methods, laser
beam reflection [66], and in-plane waveguide [45, 46, 67]. It is important to choose a suitable
readout method based on the sensing conditions and functionality and operation of one’s
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cantilever device. For instance, laser beam reflection works well in air and vacuum
environments; however, when it is operated in a liquid condition, it is problematic due to
scattering of the laser beam in the liquid and small variation in liquid refractive index. Moreover,
it places limitations on the ability to miniaturize the sensor size and does not lend itself to
multiplexing sensors with large numbers of microcantilevers on a single sensor chip. For this
reason the Nordin group developed in-plane photonic deflection sensing.

Figure 2-2: Schematic illustrations of static deflection mode with a selective coating on the top surface of the
cantilever. A deflection is generated due to a differential surface stress when analyte is adsorbed onto the coated
surface.

Figure 2-3: Schematic image of a microcantilever sensor operating in dynamic resonance mode.
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2.2.2

Nanochannel Impedance-Based Sensor
Nanochannel impedance-based sensing is a promising label-free approach for protein

detection [68-70]. A nanochannel sensor generally consists of one to two microchannels for fluid
introduction and a nanochannel for detection. Figure 2-4(a) and (b) show a cross sectional
drawing and the enlarged view of the nanochannel sensor with a nanochannel height of 50 nm.
In this approach, nanochannel walls are functionalized with receptor molecules that have high
specificity toward a desired target molecular species, as shown in Figure 2-4(c). When molecules
of the target species are captured out of a sample solution by the receptors, as shown in Figure
2-4(d), the cross sectional area of the nanochannels is decreased, which increases the electrical
impedance measured through the nanochannels. Hence, an impedance measurement can be used
to determine the concentration of captured target molecules.
While conceptually simple, conventional nanochannel sensors suffer from long response
times. Because the nanochannels are so small, the sample flow rate through nanochannels is very
low. As a result, the flux of target molecules to the sensor surface (i.e., nanochannel walls) is
accordingly very small and therefore response times are long. Even use of pressure-driven or
electrokinetic flow still results in 1-2 hour response times [71]. To solve this problem, I have
proposed and worked on a new LOC impedance-based nanochannel biosensor, which I have
called the “dynamic nanochannel array sensor”. The proposed sensor reduces response time by
forming nanochannels only when a measurement is made, which permits much higher flow rates
to be achieved in between measurements. The design, fabrication, and experimental results of the
proposed sensor are reported in Chapter 5.
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Figure 2-4: Illustrated drawing of a nanochannel sensor. (a) Nanochannel cross sectional view with two
microchannels. (b) Zoomed-in view of the nanochannel (50 nm high). (c) Channel after it has been coated with an
immobilized receptor layer. (d) The capture of target analyte onto the channel surfaces.
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3

BONDING OF POLYDIMETHYSILOXANE (PDMS) MICROFLUIDICS TO
SILICON-BASED SENSORS

3.1

MOTIVATION
I have been using PDMS to fabricate two-layer microfluidic devices [72, 73] and attach

them directly onto silicon-on insulator (SOI) microcantilever chips [45, 67, 74] for protein
detection. The two-layer PDMS microfluidic consists of integrated fluid channels, valves and
control channels to direct and control the flow of the target protein-carrying solution. However,
PDMS has a relatively low shear modulus, typically between 100 kPa and 3 MPa, which poses
an issue when a PDMS microfluidic device is bonded to other surfaces. The bond strength
between PDMS and other surfaces is generally weak and cannot withstand high pressure without
the aid of a bond enhancement technique [75]. Several methods exist for reversible and
irreversible bonding of PDMS to silicon. A common procedure involves surface treatment
techniques such as plasma oxidation to enhance bond strength [76-78]. However, such surface
treatments remain stable in air only for a short time, which in my experience is a few minutes,
which often does not leave enough time for adequate adjustment prior to bonding.
In this chapter, I present a new method for bonding PDMS to silicon using curing agent as
an intermediate adhesive layer, which is one of the two components that are mixed to form
PDMS. Specifically, I investigate both Sylgard 184 and 182, each of which is bonded to silicon
with its corresponding curing agent. I explore a range of curing times and temperatures,
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including room temperature bonding, to facilitate comparison of relative bond strengths for
different treatments. In addition, I examine a UV curable epoxy (Norland Optical Adhesive
(NOA 75)) as an alternate adhesive layer. In all cases, bond strength is evaluated by measuring
burst pressure when simple PDMS-silicon test samples with a single chamber are subjected to
increasing internal pressure [79]. Finally, a similar test is performed using a much more complex
microfluidic PDMS device integrated onto an actual silicon-on-insulator microcantilever chip to
qualitatively evaluate the pressure such devices need to withstand in practice.

3.2

3.2.1

EXPERIMENTAL

Burst Pressure Test
Several methods exist for testing the bond strength between materials, such as load

bearing mechanisms or razor-blade tests [78, 80]. For many applications it is beneficial to know
at what pressure delamination and eventual leaking of sample fluid may occur between the
PDMS and silicon substrate. For this reason, I chose to apply a burst pressure measurement as
reported by McDonald et al. [81] to test the reliability of the bond using an intermediate adhesive
layer. Figure 3-1 illustrates the experimental setup for measuring burst pressure, which I define
as the pressure at which delamination occurs at the PDMS-silicon interface.
A measurement is made by injecting fluid (deionized water) with a syringe pump into an
inlet-only PDMS/adhesive/Si device and forcing entrapped air out of the fluid chamber through
the PDMS, which is gas-permeable. Once all air is removed, the syringe pump is used to ramp
the pressure in the device, which is recorded by a micro gauge pressure sensor (Honeywell,
model 24PCFFA6G). Pressure as a function of time is acquired with a National Instrument’s
Analog I/O device using custom LABVIEW data acquisition software.
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Figure 3-1: Experimental setup.

3.2.2

Test Device Fabrication
Using standard techniques [75] based on patterning photoresist on a blank silicon wafer, a

fluid mold is created and used to fabricate PDMS devices with 10:1 mixing of PDMS base to
curing agent. For both Sylgard 184 and 182 the PDMS is cured at 80 °C for 60 minutes. After
being separated from the mold, a 0.5 mm diameter hole is punched through the center of the
inner square of each PDMS device to create a fluid inlet port. Figure 3-2(a) and 3-2(b) show top
and side view schematic diagrams of an assembled test device. A microscope image of the inner
square with inlet port is shown in Figure 3-2(c). The inner square is designed to be 1 mm x 1 mm
with a height, Hi, of 40 µm while the outer square is 10 mm x 10 mm with a height, Ho, of ~2.3
mm.

19

(c)
Figure 3-2: (a) Top view and (b) side view schematic diagrams of an assembled test device. (c) Microscope image
of inner 1 mm square of test device showing 0.5 mm diameter hole.

3.2.3

Test Device Assembly
I implement a stamping method to apply adhesive to the PDMS surface [79]. The same

method is used for both UV epoxy and curing agent; however, pre-assembly sample preparation
is slightly more involved for the case of UV epoxy, as explained below. For each test the
adhesive is spin coated onto a transfer wafer at 4000 rpm for one minute. With the curing agents
and UV epoxy having a viscosity of close to 100 cP, a similar film thickness is produced at the
end of spin coating (2.13 µm for Sylgard 184 and 2.43 µm for NOA 75). For curing agent tests,
the PDMS is stamped onto the transfer wafer and removed, taking with it the thin adhesive layer.
When applying UV epoxy, because of the hydrophobic nature of PDMS and in order to obtain a
uniform layer on the surface, the PDMS requires a brief (1 minute) oxygen plasma treatment to
make the surface more hydrophilic. Otherwise, after the PDMS is removed from the transfer
wafer the epoxy forms into beads on the surface thereby resulting in a non-uniform layer. Note
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that this brief treatment is easily implemented prior to stamping with epoxy, particularly since no
alignment step is needed as would be the case when bonding PDMS to silicon with only a
plasma treatment.
The next step is to gently, with minimal shear, place the coated PDMS piece onto a
silicon wafer. The assembly procedure is illustrated in Figure 3-3. For the case of curing agent, a
variety of curing temperatures and durations are investigated. For curing temperatures above
room temperature, samples are placed on a hotplate. For each combination of curing time and
temperature 5 samples are prepared and tested. In the case of UV epoxy, it is cured according to
the manufacturer recommendations using a mask aligner (Karl Suss MA150) as a UV light
source with a 30 minute exposure for a dose of 16 J/cm2. A steel pin with attached tubing is
inserted into the hole in the PDMS to connect the syringe pump to the device.

Figure 3-3: Assembly procedure for device construction. (a) Transfer wafer is spin coated with thin layer of
adhesive, (b) PDMS sample is placed in contact with adhesive, (c) PDMS is lifted off removing adhesive with it,
and (d) adhesive-coated PDMS is placed onto the silicon based device.
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3.2.4

Results and Discussion
Average burst pressure is determined as shown in Figure 3-4 for the example of Sylgard

184 PDMS bonded with Sylgard 184 curing agent at 70 °C for 30 minutes. The pressure for each
of 5 samples is shown as a function of time as the syringe pump is used to increase pressure in
the sample. The graph shows increasing pressure until the PDMS delaminates from the silicon at
which point the pressure drops drastically. The maximum pressure is the burst pressure for that
sample.

Figure 3-4: Pressure at the test device as a function of time for five Sylgard 184 samples with cured curing agent as
adhesive bonded at 70 ˚C for 30 minutes.
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Figure 3-5: Average measured burst pressure as a function of curing time for different curing temperatures for
Sylgard 184. Error bars indicate +/- one standard deviation.

Figure 3-5 shows the measured average burst pressure for a variety of bonding
temperatures and times for Sylgard 184 PDMS with Sylgard 184 curing agent as the adhesive.
To provide a baseline for comparison, 5 PDMS dies were bonded at room temperature with no
intermediate adhesive to silicon. Only the natural tackiness of PDMS is used to create the bond.
In this case the average burst pressure is 50 kPa. With curing agent as the adhesive and a 90 °C
curing temperature, a burst pressure of 659 kPa is achieved after only 10 minutes cure time, and
766 kPa after 20 minutes. Burst pressures above ~800 kPa were not measureable because an air
leak at the PDMS/pin interface would develop first, regardless of whether the steel pin was
simply inserted into the PDMS or glued with epoxy, superglue, or uncured PDMS that was
subsequently cured. Note in Figure 3-5 that for 70 C curing temperature the burst pressure is 731
kPa after 30 minutes, but it takes a curing time of 3 hours at 60 °C to reach a comparable burst
pressure.
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UV curable epoxy exhibits a burst pressure of only 38 kPa with just UV cure. As
indicated in Figure 3-5, the burst pressure increases to 124 kPa when samples are baked at 50 °C
for 12 hours after UV exposure. This is nearly a factor of 5 less than the burst pressure for curing
agent at 50 °C for 3 hours (610 kPa). Curing agent is clearly superior in terms of bond strength to
NOA 75 as a PDMS-to-silicon bonding agent.
As shown in Figure 3-6, I performed the same measurements (i.e., same curing times and
temperatures) for Sylgard 182 PDMS with Sylgard 182 curing agent as for Sylgard 184 in Figure
3-5. Note that in all cases the average burst pressures are significantly lower than those obtained
for Sylgard 184, indicating that Sylgard 184 is a better choice to form higher strength bonds for a
given curing temperature and time. This is likely related to the fact that Sylgard 184 is
formulated by the manufacturer to yield a faster cure than 182, which may indicate the formation
of a denser crosslinked bond network in the silicone polymer with a concomitant increase in
material strength.

Figure 3-6: Same as Figure 3-5 except for Sylgard 182.
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I also examined room temperature curing of Sylgard 184 and 182 as shown in Figure 3-7.
Much longer curing times were required to obtain high bond strengths. For example, for Sylgard
184 curing for 16 hours at room temperature yields a burst pressure (433 kPa) comparable to
curing at 70 °C for 30 minutes (see Figure 3-5). Curing for 27 hours increases the burst pressure
to 555 kPa. Sylgard 182 again shows substantially lower burst pressures, achieving 289 kPa after
32 hours.
Since the microcantilever sensor preparation process involves aminosilane deposition
before PDMS bonding, I also measured the burst pressure of Sylgard 184 bonded to silicon
samples on which a monolayer of 3-aminopropyldiisopropylethoxysilane (APDIES) was
deposited overnight in anhydrous toluene. The burst pressure after 24 hours is 281 kPa, which is
approximately half of what it would have been for bonding to bare silicon.

Figure 3-7: Average measured burst pressure as a function of room temperature bonding time.
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Figure 3-8: Average measured burst pressure as a function of number of days since PDMS fabrication. All samples
are bonded at 60 ˚C for 60 minutes.

Figure 3-9: Design layout of assembled PDMS-silicon sensor device.
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All of the above results were obtained with PDMS fabricated the day before being
bonded. I also investigated the effect of letting PDMS sit in covered Petri dishes for a number of
days prior to bonding. As shown in Figure 3-8, I observed no degradation in burst pressure for
PDMS used within 7 days of PDMS fabrication. Additional measurements indicate that the
average burst pressure does not decrease significantly until approximately three weeks after
PDMS fabrication.
I also measured the pressure in an actual biosensing silicon-on-insulator device with
integrated multi-layered Sylgard 184 PDMS microfluidics and immobilized proteins on arrays of
microcantilevers [45, 46, 67, 74] in order to qualitatively understand the applicability of the burst
pressures attained by using an intermediate adhesive. An image of the design layout of the
assembled sensor is shown in Figure 3-9. It is assembled using the same procedure as in Figure
3-3 with curing agent as the adhesive which is allowed to cure for approximately 16 hours at
room temperature. Different from the test devices, this sample has an input and outputs for
desired fluids with channels 60 µm high by 600 µm wide. Since the adhesive layer is so thin (~2
µm) compared to the channel height, I find there is no issue with the adhesive layer affecting the
fluid channels (e.g., spreading into the channels).
Pressure is induced at the PDMS-silicon interface as a function of the flow rate through the
channel. The flow is into the fluid input in the lower right with valves arranged to direct the flow
through one of the microcantilever array channels. Figure 3-10 shows the pressure as a function
of time for flow rates up to 500 µL min-1 using the test setup of Figure 3-1. Note that this flow
rate is significantly higher than the maximum flow rate I typically use in an experiment, which is
100 µL min-1 (and this is only used when I queue up a new fluid in the left vertical flow channel
in preparation to introduce it to one of the microcantilever channels).
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Figure 3-10: Pressure in flow channel of sensing device as a function of time for increasing volumetric flow rates
from 0 to 500 µL min-1. Labels and dashed vertical lines indicate time intervals during which the indicated flow
rates are generated with a syringe pump.

Extensive experience with actual microfluidic-on-microcantilever samples (>30) shows
that room temperature overnight (~16 hour) bond strength with Sylgard 184 on aminosilanecoated silicon is entirely adequate for the flow rates and pressures at which I typically operate.
However, in my limited experience (~5 samples), use of Sylgard 182 results in too frequent
PDMS delamination (nearly 50% of the time), and direct bonding of PDMS with no intermediate
adhesive layer or treatment always results in delamination.
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3.3

CONCLUSION
Without the aid of a bond enhancement technique, the bond strength between PDMS and

other surfaces is often weak and can’t withstand high pressure. To increase the bond strength,
especially between PDMS and silicon surface, I report a new method by using curing agent as an
intermediate adhesive layer. I evaluated PDMS curing agents for Sylgard 184 and 182 as
intermediate adhesive layers as a function of curing time and temperature, and compared to NOA
75 UV curable epoxy. I find that Sylgard 184 is superior to Sylgard 182 in terms of bond
strength for the same curing conditions. It also yields higher burst pressures than NOA 75 for
nearly all investigated curing conditions in which the curing temperature is above room
temperature. Moreover, I find that room temperature curing of Sylgard 184 for 16 hours or
longer gives average burst pressures of 433 kPa or more, which is more than enough to withstand
the induced pressure of various flow rates up to 500 µL/min in the PDMS-silicon sensor device.
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4

4.1

A MICROFLUIDIC CLOSED-VOLUME REFLOW PUMP

MOTIVATION
The development of microfluidics with surface-based biosensors [82, 83] using surface-

immobilized receptors to define a specific sensing region frequently aims to create a system that
can (1) detect a low (~picomolar) concentration of target analyte in a (2) small sample volume
(~microliter) in a (3) short time (~minutes). The aforementioned performance goals impose
important constraints on the development. For instance, it is known that response time can be
reduced by convection, in which the flux of target molecules can be increased (if the response
time is mass-transport limited). However, this results in many target molecules passing by the
sensor surface without reaching the sensing region, because they are too far to diffuse to the
immobilized receptor surface (see for example the discussion of channel on sensor Peclet
number in Ref. [84]). Having target molecules flowing by without reaching the sensor surface is
undesirable and unacceptable, especially in the case of low concentration and small sample
volume detection where there are only a few target analytes in the solution. A simple solution is
to pass the small sample volume back and forth across the sensor surface in combination with
mixing the solution prior to each pass [85]. In this chapter, I review the design, fabrication, and
characterization of a pneumatically actuated pump, which is called a reflow pump, which
performs this function.
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The proposed reflow pump is fabricated using polydimethylsiloxane (PDMS). The
development of soft lithography techniques [86] utilized in PDMS fabrication enables me to
rapidly fabricate and test pump designs to realize an optimized device. In this chapter I review a
3-layer PDMS reflow pump design that was primarily developed by Bryan Haslam, a student in
the Nordin group in 2008. While the 3-layer approach demonstrates the viability and
fundamental properties of a reflow pump, it has certain difficulties in fabrication. I therefore
develop a 2-layer reflow pump and report it in the last part of this chapter, which significantly
reduces the manufacturing steps and times.

4.2

THREE-LAYER PUMP DESIGN
Figure 4-1 shows the top view of a chip design with two accompanying side views along

the dotted lines indicated in Figure 4-1(a). In Figure 4-1(a), the fluid channel, between the two
reservoirs, depicted in green, is 200 µm wide by 20 µm tall and 4 mm long. The two reservoirs
are identical in size and are 2 mm in diameter and 80 µm tall. Each has a calculated capacity of
approximately 250 nL. The estimated filling capacity of the reservoir is approximately 300 nL
because of the elasticity of the membrane, which can be stretched upward into the actuation
chamber while filling, which expands the reservoir’s capacity. The actuation chambers, depicted
with orange diagonal lines over the reservoirs, are used to actuate the reservoirs by collapsing the
membrane forming the top of the reservoir. Each actuation chamber is connected to a channel
allowing pressure to be easily applied from off-chip. The control channels, depicted in red, act as
valves when pressure is applied, deflecting the membrane down to seal the channel.
Figure 4-1(b) shows the side view of the three-layer chip in three different colors. The fluid
channel is depicted in green, control channels and valves in red and actuation channels and
chambers in orange. The two reservoirs labeled R1 and R2 are the only features in the bottom
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two layers which is necessary because of their height. The actuation chambers are 30 µm tall and
are placed above the reservoirs with a 50 µm membrane separating them from the fluid
reservoirs.

(a)

(b)

(c)
Figure 4-1: Reflow pump schematic diagrams. (a) Top view of a reflow pump. (b), (c) Cross sectional views along
dashed lines indicated in (a). See text for details.
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Figure 4-1(c) shows one of the reservoirs (R2) with the actuation chamber above it and
channel connecting to a hole (AC2) going off-chip. The control valve (V2) is shown to the right
in the control layer, which contains a control channel above the rounded fluid channel. The
control channels are 30 µm tall and are separated from the fluid channel by a membrane
approximately 30 µm thick. When the control channel is pressurized, it completely collapsed the
fluid channel underneath and prevents fluid flow [87]. This type of valve design is chosen
because it has demonstrated its efficiency and ability to close with low applied pressure.
The fabricated device is 11.9 mm by 9.9 mm and is mounted onto the silicon substrate, as
shown in Figure 4-2(a). For comparison the fluid channels and control channels are filled with
green-colored and orange-colored water, respectively. Figure 4-2(a) shows one pressure source is
connected and applying pressure to the left reservoir, which can be seen by the orange water in
the actuation chamber displacing the green fluid in the reservoir. The right reservoir is filled with
green water and the actuation chamber is not actuated. The fabricated device is 2.5 mm thick, as
shown in Figure 4-2(b). Figure 4-2(b) shows a side view of the device, including the glass cover
piece, clamped with all of the pressure and fluid input/outputs connected. The device was
designed such that it did not need to be bonded to the substrate where it was placed, and instead
it was clamped onto it to provide a liquid-tight seal. A glass piece was placed on the top of the
PDMS device with holes drilled where pressure and fluid input and output were needed. The
whole device was placed in a spring-loaded clamp to push the rigid glass piece down unto the
PDMS, creating a seal between the PDMS and the substrate.
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Figure 4-2: Photographs of the fabricated device with coloring matching Fig.4-1: (a) a top view (b) a side view of
the PDMS device clamped with the glass piece on top.

4.3

4.3.1

FABRICATION

Molds
Molds are created, which involves (1) creating a mold using photoresist on a 4-inch blank

silicon wafer, (2) pouring an uncured mixture of PDMS over the mold, (3) baking the mold to
cure it, and then (4) separating the PDMS off with the imprint of the mold. Each of the three
layers of the device was created with a separate mold and then bonded to the adjacent layer(s).
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The actuation layer (top) mold was fabricated using Microchem SU8-25 photoresist spun
on at 1500 rpm for 45 s. To ensure no cracking or delamination of the photoresist, the following
recipe was used for both the softbake and the post-exposure bake (PEB): The wafer was placed
on a hotplate at 55 °C, ramped to 65 °C and was baked for 10 minutes after which it was ramped
to 95 °C and baked for 10 minutes. The wafer was exposed for 30 s using a mask aligner (Karl
Suss MA 150) with an intensity of 8.5 mW cm-2. The height of the SU8 mold was measured with
a profilometer to be 31 µm. To cure small crack lines and prevent delamination of the
photoresist, a hard bake was performed at 200 °C for 5 minutes.
The control layer (middle) mold was also fabricated from SU8-25 using the same recipe
described above with the exception of a spin speed of 1750 rpm and an exposure time of 25 s.
The height of the mold was measured to be 28 µm.
The fluid layer (bottom) mold was fabricated with SPR-220-7.0 photoresist (Rohm and
Haas Company, Marlborough MA), and its reflow properties are desirable in creating rounded
fluidic channels, which is necessary for the valves. For improved adhesion of the photoresist, the
silicon wafer was primed with hexamethyldisilazane (HMDS) prior to spinning on the SPR-220
at 900 rpm for 60 s. The wafer was soft baked at 115 °C for 3.5 minutes before a 90 s exposure
at 8.5 mW cm-2. After developing in MF-24A for approximately 10 minutes, the wafer was
baked at 120 °C for 3 minutes to reflow the photoresist into a rounded shape. Before reflow the
cross-section of the channel was 200 µm wide by 15.5 µm tall and after reflow it was 215 µm
wide by 20.5 µm tall. To ensure that the PDMS would separate from the mold, the mold was
treated with oxygen plasma for 1 minutes at 200 W and then was placed in a sealed container
with an open bottle of chlorotrimethylsilane at 80 °C for 15 minutes.
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4.4

PDMS ASSEMBLY
The PDMS used was Dow Corning Sylgard 184 silicone elastomer kit (Dow Corning,

Midland, MI) consisting of a base and a curing agent. The two parts were mixed in ratios
according to mass measured using a triple beam balance. The mixed PDMS was then placed in a
pressured chamber to remove any bubbles introduced during mixing. The de-bubbled PDMS was
then poured or spun on a mold depending on the required procedures. To cure the liquid PDMS,
it was placed in an oven at 80 °C with various durations needed.
For the actuation (top) PDMS layer, a 4:1 mixing of PDMS base to the curing agent was
poured over the actuation mold. A 2-inch tall PVC ring, 4-inch in diameter, was sealed to the
wafer to prevent leaking of the PDMS in its liquid state, ensuring a consistent thickness of the
PDMS. After partially curing for 45 minutes in an oven at 80 °C, the PDMS was removed from
the mold and holes were punched for the actuation pressure inlets using a 21 gauge blunt needle
(Small Parts, Miramar, FL). The PDMS was then stamped onto a wafer with curing agent spun
on it at 4000 rpm, coating the underside of the PDMS with a thin layer of curing agent
preparatory to bonding to the control PDMS layer [88]. The thickness of the actuation layer was
approximately 2.4 mm.
For the control (middle) PDMS layer, a 20:1 mixing of PDMS base to the curing agent was
utilized and spun onto the control mold at 900 rpm to achieve a thickness of approximately 80
µm. After partially baking for 45 minutes, it was aligned to the actuation layer and the two
layers were baked together for 30 minutes. The bonded piece was removed from the control
mold and holes were punched for the control pressure inlets. The piece was then stamped in
curing agent as described previously preparatory to bonding to the fluid PDMS layer.
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For the fluid (bottom) PDMS layer, 20 g of base was mixed with 1 g of curing agent (20:1
ratio) and spun onto the fluid mold at 1350 rpm to achieve a thickness of approximately 50 µm.
After partially baking for 45 minutes, the reservoir area was cut and removed from the fluid
layer. The cutting process introduces edge roughness, and results in variations of reservoir
volume with a tolerance of approximately 10%.

The fluid layer was then aligned to the

control/actuation bonded piece and the three layers were baked together for 1 hr. The three
layers bonded together were then removed from the fluid mold and holes were punched for fluid
input/output.

4.5

4.5.1

EXPERIMENTAL

Connections
Six stainless steel gauge 24 tubing segments 1 cm long (New England Small Tube,

Litchfield NH) were used with one end of the tubing inserted into the punched holes in the
PDMS and the other into PTFE microbore tubing (Cole-Parmer, Vernon Hills IL) as seen in
Figure 4-2(b). The PTFE tubing provides the necessary fluid and air pressure to and for the chip.
The tubing connected to the fluid input of the device was also connected to a syringe pump
(Harvard Apparatus, Holliston MA). The fluid output was connected to a segment of tubing
used to carry fluid away from the chip. The two control channel input/output ports were
connected to solenoid valves (The Lee Company, Westbrook CT) on a single manifold. The
manifold in turn had two input ports, one connected to a pressure regulator set at 20 psi gauge
pressure, relative to atmosphere, and another port left open to atmospheric pressure. In this way,
each of the control channels could be pressurized independently with either 20 psi or 0 psi. The
same setup was used to connect the actuation chambers to two valves in a second manifold. The
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actuation manifold was connected to a regulator which was varied between 2.5 and 15 psi while
the other was held at atmosphere.
PDMS is air permeable, which results air leaking through the membrane from the control
and actuation channels pressured with air to the fluid channel. As a result, it creates air bubbles
in the fluid channel. To avoid this, water (dyed with food coloring for contrast) was inserted in
the control channels and actuation chambers using the syringe pump. Figure 4-2(a) shows the
device with colored water in the different channels. The dyed water in the actuation channel
provided the method for measuring the flow rate by tracking the menisci in the tubing [89]. The
meniscus movement is a result of the displacement of the actuation membranes when actuation
chambers were reciprocally actuated. To ensure that the volume could be accurately derived
from the movement of the meniscus, a segment of capillary tubing with a diameter of 700 µm
with a tolerance of 10 µm was used (Polymicro, Phoenix AZ). A Photron Ultima APX-RS hispeed camera was placed in front of the meniscus in the actuation tubing to track its position
over time (Photron, San Diego CA).
Figure 4-3 shows the complete setup with black and white sample images taken from the
high speed video of the menisci. In Figure 4-3(a), AV1 and AV2 are the valves controlling the
actuation chambers and CV1 and CV2 are the valves controlling the control channel valves on
the chip.
Figure 4-3(b) contains two frames of one video clip showing the movement of the two
menisci from one actuation cycle to the next. In Frame 1, T1 is connected to the actuation
chamber that is pressurized at the point in time the frame was taken. Frame 2 was taken from
later in the same video clip when the pressure was released from T1 and applied to T2. From
Frame 1 to Frame 2, the meniscus in T2 moves to the left as a result of pressure applied and the
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meniscus in T1 moves to the right as a result of fluid filling the corresponding reservoir, forcing
the fluid in the actuation chamber into the tubing. It is important to note that the red and green
lines are spaced the same distance apart, demonstrating that the volume of fluid displaced in
expanding one actuation chamber was the same volume that was displaced in collapsing the
opposite actuation chamber. This consistency demonstrates the accuracy of the tracking the
meniscus to find the volume displaced. To further ensure consistency, the upper tubing was used
for all calculations.

(a)

(b)
Figure 4-3: Experimental setup with sample video frames: (a) a schematic of the experimental setup (b) two sample
frames from a hi-speed video clip.
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The air valves in the actuation manifold were controlled with a custom LABVIEW VI to
ensure proper timing of actuation. Twenty different actuation periods were tested from 24 ms to
4 s (one period including one actuation of each reservoir) while a duty cycle of 50% was
maintained for four different pressures: 2.5, 5, 10, and 15 psi. Video clips of the menisci in
motion were taken at various frame rates according to the period used. Some of the sample
periods and frame rates are listed in Table 2. Each video clip taken was 10,000 frames, which is
long enough to image several actuation cycles.
To extract information on how far the meniscus moved from the hi-speed videos, a
MATLAB script was used to analyze each video frame by frame. A logarithmic edge detection
method was employed to find the pixel location of the meniscus. To find the physical distance
traveled, it was determined that one pixel in an image corresponded to 20 µm.

Table 2: Various sample periods with their corresponding frame rate.

Period (s)

Frame Rate (fps)

4.022

500

1.022

2000

0.522

4000

0.272

4000

0.123

6000

0.071

12000

0.043

12000

0.024

20000
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4.6

4.6.1

RESULTS AND DISCUSSION

Meniscus Movement
Figure 4-4 shows a plot of the distance the meniscus traveled given in µm versus time

given in ms. Each rise of the meniscus in position represents the meniscus being expelled out
and away from the chip as a result of the corresponding reservoir filling with fluid, thus
expelling the fluid. Each fall represents air pressure in the tubing forcing the meniscus back
towards the chip as the actuation chamber fills and pushes the fluid in the reservoir beneath.
Three plots are shown in Figure 4-4 corresponding to three different actuation periods including
1.022 s (a), 0.123 s (b), and 0.030 s (c). The relationship between the movement of the meniscus
and both the pressure and period of actuation will be explored in the remainder of the chapter.
The implications of this movement will be discussed with regards to volume of fluid pumped and
the volumetric flow rate (VFR) defined as the volume of fluid flowing past a point in the fluid
channel per unit time.
From Figure 4-4 it can be seen that there is a positive correlation between the actuation
pressure and the distance the meniscus traveled. The higher the actuation pressure, the farther the
meniscus moves per actuation and therefore the more volume is pumped. It is also observed that
when the period was a sufficient length as seen in Figure 4-4(a), the distance the meniscus
traveled leveled off. When the period was very short, the data were not consistent, with
variations in terms of distance the meniscus traveled, as shown in Figure 4-4(c).
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(a)

(b)

(c)
Figure 4-4: Plot for the meniscus position vs. time for the given pressures with three different periods: (a) 1.022 s
(b) 0.123 s and (c) 0.030 s.
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4.6.2

Volume Actuated
The actuated volume was calculated by finding the distance traveled during one actuation

(a valley to peak in Figure 4-4) and multiplying it by the cross-sectional area of the tubing. The
average of all of the actuations in one video clip was taken to give the data in Table 2. The table
demonstrates that the increase in pressure indeed results in an increased volume pushed through
the fluid channel as seen in Figure 4-4. The higher pressure applied results in a greater deflection
of the PDMS membrane between the reservoir and actuation chamber resulting in more volume
displaced. In Table 3, it also demonstrates that the actuated volume increases with respect to the
increase in actuation period. The dependence of the volume actuated on period demonstrates: the
longer the actuation period, the more the same membrane can move, though it slows down over
time. The estimated volume of each reservoir is approximately 300 nL and therefore represents
the maximum volume that can be actuated. The maximum volume displacement at around 230
nL is approached when 15 psi and a 4 s period are utilized.

4.6.3

Average VFR
Figure 4-5(a) shows the averaged VFR with standard deviation given as the error bars over

an entire video clip of 10,000 frames including several actuation cycles. The data were calculated
from Table 2 by dividing the actuated volume per actuation (the difference between maxima and
minima on the y-axis multiplied by the cross-sectional area of the capillary) by the given period
per actuation (the difference between maxima and minima on the x-axis). It can be seen that the
VFR falls off exponentially with the increasing period of actuation. The smallest period allowed
by the system was 24 ms because of the actuating speed of the solenoid valves.
The data at the far left of the graph show the VFR reaches their maxima and is starting to
be saturated as the decreased period is no longer able to increase the flow rate. If shorter periods
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less than 24 ms were achieved, one would expect that the VFR would reach a maximum and
begin to drop off. As an actuation period shorter than the rise time of the VFR, this would result
in very little volume pumped because it was faster than the pump could respond. The peak VFR
achieved using 15 psi and a period of 24 ms was 550 µL min-1. It is feasible that even higher
flow rates could be achieved with higher pressures and slightly shorter actuation periods.
Table 3: The volume (nL) for one actuation for various periods and applied pressures.
Period (s)

2.5 psi

5 psi

10 psi

15 psi

0.024

22.2

36.3

69

101

0.043

27.9

52.9

103

153

0.071

30.5

54.5

125

199

0.123

33.8

59.6

136

211

0.272

34.4

68.9

148

217

0.522

37.3

69.7

155

227

1.022

38.6

70.1

162

229

4.022

40.2

77.8

179

234
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(a)

(b)
Figure 4-5: Plots for volumetric flow rate: (a) average VFR vs. period showing a maximum VFR of 550 µL min-1 at
15 psi and 24 ms (b) average VFR vs. pressure.
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Figure 4-5(b) is a plot of the average VFR versus actuation pressure for the same periods
that are given in Table 3. The plot was used to verify that the data supported the theory for
pressure driven laminar flow through a microfluidic channel. According to theory, the VFR
should be linearly dependent upon the pressure across the fluid channel and such a relationship is
observed in Figure 4-5(b) [90]. The slope of the lines is different reflecting the fact that the
higher periods pumped more volume in a given time period, not that the fluid was pumped faster.

4.7

TWO-LAYER PDMS REFLOW PUMP
While the three-layer PDMS reflow pump was successful, it does have some issues: (1) it

requires three PDMS layers to be fabricated and bonded subsequently, which complicates
fabrication and prolongs the device turnaround time, and (2) the cutting process involved in
making reservoirs results in edge roughness and contributes to the volume variations of the
reservoir. To make the reflow pump a more attractive and practical microfluidic system, design
modifications and manufacturing improvements are needed. I present a solution to solve those
issues by using only two PDMS layers to fabricate a reflow pump.

4.7.1

Design and Fabrication
Figure 4-6(a) shows a schematic top view of the two-layer PDMS reflow pump. The two-

layer PDMS reflow pump consists of a fluid channel layer and a control layer, as shown in
Figure 4-6(b). The fluid channel layer contains flow channels and reservoirs, and the control
layer has the pneumatically-actuated flow control valves and actuation chambers for reservoir.
The pump reservoirs are 3.8 mm in diameter and are 70 µm tall, and the flow channels are 650
µm wide and are 70 µm tall as well. All the control valves are 650 µm by 1200 µm and the
reservoir actuation chambers are 4 mm in diameter, and all have the same height, 30 µm. Similar
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to the three-layer reflow pump previously described, both layers are fabricated using soft
lithography techniques, which involves creating a mold on a silicon wafer, pouring an uncured
mixture of PDMS over a mold, baking the wafer to cure the PDMS, and removing the cured
PDMS from the mold. Two PDMS layers are then bonded together to form a completed pump
device.
For the control layer, the mold is created using MicroChem SU8-2025 photoresist and
spun on a silicon wafer at 3000 rpm for 30 s to get a photoresist thickness of 30 µm. The wafer is
then soft baked at 65 ˚C for 3 minutes followed by 95 ˚C for 5 minutes. The wafer is exposed for
30 s in a mask aligner, and followed with a post-exposure bake at 65 ˚C for 3 minutes, then 95 ˚C
for 5 minutes before development. After development, the mold is hard baked at 225 ˚C for 5
minutes. Then a 4:1 ratio of PDMS (18 g PDMS prepolymer to 4.5 g curing agent) is utilized to
make the control layer with a total thickness of ~2 mm.
For the fluid layer, the mold is fabricated using AZ-50XT photoresist to create rounded
fluid channels and reservoirs. A silicon wafer with AZ-50XT is spun at 700 rpm, and soft baked
at 60 ˚C for 10 minutes followed by 125 ˚C for 3 minutes. The wafer is then exposed in a mask
aligner for 60 s. After development, the mold is baked at 125 ˚C for 3 min to reflow the
photoresist. The resulting dimensions of flow channels are 650 µm wide and 73 µm tall,
measured using a profilometer. A mixed 10:1 ratio of PDMS (10 g PDMS prepolymer to 1 g
curing agent) is poured on the mold and spun at 900 rpm in creating a total thickness of 90 µm
for the fluid layer. With a 90 µm fluid layer and a mold height of 73 µm, the membrane above
the reservoirs has a thickness of 17 µm.
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Figure 4-6: (a) Two layer PDMS reflow pump design showing flow channel in pink and control channel in light
blue, with overlap in dark blue. (b) Microscope image of cross-section of PDMS pump at dashed line. (c) An image
of a completed device with all the tubing connected.

49

After two PDMS layers are bonded and all the inlet/outlets for control and fluid channels
are punched, the PDMS device is bonded onto a glass die using Sylgard 184 curing agent as an
intermediate adhesive layer and baked at 70 °C for 30 minutes [49]. The bond strength between
the PDMS and the glass is so strong that it does not need a top glass piece and any clamping
device. Figure 4-6(c) shows a camera image of a completed device with all the tubing connected
to its control and fluid inlet and outlets. External tubing is connected to ports P1, P2 and P3 to
allow fluid exchange using a syringe pump. Port P2 is designed that it can allow small sample
volume to be loaded without the need of external tubing. Valves V1 through V3 and V5 control
flow in and out through the ports, and V4 controls fluid flow in the sensor channel. By actuating
reservoirs R1 and R2 periodically, the fluid is driven back and forth across the sensor channel.
The control channels are filled with blue-colored water, while the fluid channels are filled with
red-dyed water, which correspond to the colors used in Figure 4-6(a).

4.7.2

Measurements and Discussion of Two-layer Pump
According to previous experiments with the three layer reflow pump, a higher applied

pressure is preferred in order to achieve a larger actuated volume. Therefore, I choose to apply
15 psi to test the two-layer pump design with various actuation periods, ranging from 0.1 ms to
0.5 ms. Using the same experimental setup and the meniscus tracking [89] with a hi-speed
camera, the pumped volume per actuation for a given period at 15 psi is recorded in Table 4.
Table 4 shows similar results to Table 3, which confirms that the actuated volume increases with
longer actuation periods. The calculated filling capacity of the reservoir is 830 nL, and the
estimated reservoir capacity is approximately 1200 nL, which is 79 % larger than the calculated
value. The greatly increased reservoir capacity is caused by the thinner membrane, which can
stretch further upward into the actuation chamber. The estimated reservoir capacity of 1200 nL
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suggests that the membrane not only stretches upward, but also fills the entire space of the
actuation chamber during filling.
Moreover, with a thinner membrane and a higher actuation pressure, the actuated volume
for a given period is impressively increased as a result. The maximum volume that can be
actuated for the two-layer reflow pump is 1200 nL, and the maximum volume displacement
around 1114 nL is achieved at 15 psi and 0.5 s period. It demonstrates approximately 92.8 % of
the reservoir volume being emptied during each actuation. Comparing with the three-layer pump
at 0.522s and 15 psi, it is only 75.6 %, with 227 nL pumped volume per actuation with a
maximum volume of 300 nL. Table 4 shows that the reservoir is nearly being emptied (>90 %),
if a longer period (>200 ms) is selected.
Table 4: The volume (nL) for one actuation for various periods at 15 psi

Figure 4-7 shows the average volumetric flow rate of the two-layer reflow pump with a
maximum VFR of 813 µL min-1 at 15 psi and 100 ms. It can be seen that the VFR increases with
shorter periods, which agrees well with the experimental data of the three-layer pump. The pump
performance between the two-layer and the three-layer design can be compared by looking at the
average VFR under similar conditions. In Figure 4-5(b), it measures 206 µL min-1 at 123 ms and
15 psi, and, in Figure 4-7, it reports 813 µL min-1 at 100 ms and 15 psi. The two-layer pump
appears to achieve nearly 4 times higher VFR than that of the three-layer pump because the twolayer pump has a larger reservoir size and a thinner membrane.
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Figure 4-7: Plot of volumetric flow rate: average VFR vs. period.

4.8

CONCLUSION
Microfluidic, closed-volume, high flow rate pumps were successfully fabricated and tested.

The pumps require only a small sample volume (< 1 µL), which is moved back and forth in a
flow channel. For the three-layer PDMS pump design, pump behavior was characterized for 4
different pressures with various actuation periods for each pressure. I have also demonstrated a
two-layer PDMS pump, which reduces the number of fabrication steps and the fabrication time.
Two-layer pump design, fabrication, and tests were discussed, and the two-layer approach was
shown to have higher VFR and actuated volume than the three-layer pump design under similar
operating conditions. It also has less dead volume per actuation than the three-layer pump.
Reflow pumps present a new way of efficiently using and recycling a small amount of fluid
volume across a sensor surface with high flow rate.
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5

DYNAMIC NANOCHANNEL ARRAY BIOSENSOR WITH PEGDA-BASED
MICROFLUIDICS

5.1

MOTIVATION
In this chapter I discuss a new approach for nanochannel protein sensing that takes

advantage of the attractive features of nanochannels as sensors [68, 69, 91] while avoiding long
response times typically associated with nanochannel sensors [71]. The approach is based on
forming nanochannels only when a measurement is made. Dynamic formation of nanochannels
is based on collapsing a membrane layer in a microfluidic channel on top of etched
nanotrenches. In between measurements, the membrane is not collapsed so that sample fluid
can flow unimpeded past the sensor area, which allows the use of advection to dramatically
increase transport of target molecules to the sensor surface. The result is much reduced sensor
response times compared to conventional nanochannel sensors.
I worked with fellow students Joseph Oxborrow and Tim Gustafson to successfully
demonstrate the concept of dynamic nanochannels using two-layer polydimethylsiloxane
(PDMS) microfluidics [51]. The PDMS microfluidic is bonded to a quartz sample with
nanotrenches created in the quartz using a focused-ion-beam (FIB). The experimental result
showed a 140% impedance change due to nonspecific adsorption on nanotrench surfaces when
exposed to 14 µM bovine serum albumin (BSA) in phosphate buffered saline (PBS). However,
there are several problems associated with the use of PDMS: (1) PDMS is prone to non53

specific adsorption of target analyte, (2) it can take a long time (5 minutes at 40 psi) to seal the
PDMS membrane over the nanotrenches, and (3) the curing agent used as an adhesive layer for
PDMS-to-quartz bonding leads to nanotrench contamination and clogging.
To avoid these problems it would be useful to replace PDMS with a different material.
For example, Rogers et al. have developed a new material for microfluidics based on
polyethylene glycol diacrylate (PEGDA) as a replacement for PDMS [60, 61]. PEGDA is
resistant to non-specific protein adsorption which makes it a more attractive material than
PDMS for protein sensing applications. In this chapter, I report my work to create a dynamic
nanochannel array sensor using PEGDA in place of PDMS, along with a new dynamic
nanochannel configuration more suited to the higher Young’s modulus of PEGDA to facilitate
the demonstration of rapid sensing.

5.2

CONCEPT
In this section, I first introduce the basic dynamic nanochannel geometry and then

develop a theoretical model for the expected change in nanochannel impedance upon
attachment of protein molecules to nanochannel surfaces.

5.2.1

Dynamic Nanochannel Array Sensor Design
A top-view schematic diagram of an integrated PEGDA circular control valve on a

quartz microfluidic sample is illustrated in Figure 5-1(a). The control channel, indicated in
light blue, consists of one circular input, a long and narrow channel, and a circular control
valve located above the pedestal in the fluid channel. The fluid channel, depicted in pink, has
two circular inlet/outlets on its ends, with a pedestal in the middle of the channel. The PEGDA
circular control valve is 700 µm in diameter, and the width of the fluid channel is 100 µm.
54

The fluid channel is patterned on and etched into a quartz substrate using
photolithography and dry etching. After the fluid channel is created, an array of nanotrenches
is patterned on top of the pedestal using the FIB. Figure 5-1(b) shows a schematic illustration
of the quartz pedestal with a nanotrench array.

Figure 5-1: The schematic illustration (a) top, (b) nanotrenches, and (c) cross sectional views of the dynamic
formation of nanochannels with PEGDA membrane and control layers.
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As illustrated in Figure 5-1(c), a PEGDA dynamic nanochannel array device is a threelayer device, which consists of a top PEGDA control layer indicated in orange, a PEGDA
membrane depicted in red, and a bottom fluid channel created on a quartz substrate displayed
in dark blue. The left image in Figure 5-1(c) shows a schematic cross sectional view of the
PEGDA control channel device when the control valve is open. A cross sectional view of the
device when the control valve is closed is showed on the right. Upon applying either vacuum
or pressure through the control inlet, the membrane located above the quartz pedestal deflects
either up or down. When the valve is open, the membrane deflects upward, which provides an
opening for fluid to pass through the fluid channel. When the valve is closed, the membrane
deflects down and seals over the pedestal, which stops the fluid flow and forms nanochannels
as the membrane collapses on top of the nanotrench array.

5.2.2

Theoretical Model
I now develop a model to estimate the expected impedance change upon adsorption of

protein molecules on the surfaces of a nanochannel array. I start with a single nanochannel, and
later expand the model to cover an array of nanochannels. Once the model for a single
nanochannel is established, it is straightforward to generalize this model to an array by simply
summing up the effect of single channels. In the model, I assume that the increase in a
nanochannel’s impedance is caused by reduction of the effective cross-sectional area of the
channel due to adsorbed protein molecules.
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Figure 5-2: Schematic illustration of a single nanochannel, a single slice of the nanochannel with a thickness of
d, and a spherical protein molecule with a diameter of d.

Consider a nanochannel with length L, height H, and width W, as shown in Figure 5-2.
The nanochannel impedance is
𝑅𝑅𝑛𝑛𝑛𝑛 =

𝐿𝐿
,
𝜎𝜎𝜎𝜎

(5-1)

where A = WH is the cross sectional area of the channel and σ is the conductivity of the ionic
solution in the channel. For simplicity, I assume spherical protein molecules with diameter d.
The nanochannel is divided into S slices, and each slice has a thickness d such that
𝐿𝐿
𝑆𝑆 = .
𝑑𝑑

(5-2)

The resistance, Rn, through the nth slice of the nanochannel is
𝑅𝑅𝑛𝑛 =

𝑑𝑑
,
𝜎𝜎𝐴𝐴𝑠𝑠

(5-3)
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where As = A is the cross sectional area of the single slice of nanochannel. Because all the
slices are electrically in series, the relationship between Rnc and Rn is just
𝑠𝑠

𝑅𝑅𝑛𝑛𝑛𝑛 = 𝑅𝑅1 + 𝑅𝑅2 + ⋯ + 𝑅𝑅𝑠𝑠 = � 𝑅𝑅𝑛𝑛 .

(5-4)

𝑅𝑅𝑛𝑛𝑛𝑛 = 𝑆𝑆𝑆𝑆𝑛𝑛 ,

(5-5)

𝑛𝑛=1

According to Eq. (5-3) Rn is a constant, such that Eq. (5-4) simplifies to

as expected.

Now let’s consider the case of protein adsorption. Assume the cross sectional area of
the protein molecule is Ap = π (d/2)2. When proteins are adsorbed on the nanochannel’s walls,
the cross sectional area of the slice can be estimated as A̕s = As - ∆A where ∆A is the change in
the cross sectional area due to the adsorbed proteins and is given by
(5-6)

Δ𝐴𝐴 = 𝑁𝑁𝐴𝐴𝑝𝑝 ,

where N is the number of proteins adsorbed. In this case, the impedance becomes
𝑅𝑅𝑅𝑛𝑛 =

=

𝑑𝑑

=

𝜎𝜎𝐴𝐴𝐴𝑠𝑠

=

𝑑𝑑

𝑑𝑑
𝜎𝜎(𝐴𝐴𝑠𝑠 − ΔA)

𝜎𝜎𝐴𝐴𝑠𝑠 �1 −

ΔA
𝐴𝐴𝑠𝑠 �

𝑅𝑅𝑛𝑛
.
ΔA
(1 − 𝐴𝐴 )
𝑠𝑠

(5-7)

I now apply the Langmuir adsorption model which accounts for the kinetics of
adsorption and desorption to calculate ∆A/As. At equilibrium, the fraction of available sites
filled by protein molecules is given by
𝛽𝛽 =

Γ𝑜𝑜

Γ𝑚𝑚𝑚𝑚𝑚𝑚

(5-8)

,
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where Гo is the effective surface area of the filled sites and Гmax is the surface area of all
possible sites. In the Langmuir model
𝛽𝛽 =

𝐶𝐶
,
𝐾𝐾𝑜𝑜𝑜𝑜𝑜𝑜
𝐶𝐶 + 𝐾𝐾
𝑜𝑜𝑜𝑜

(5-9)

where C is the protein concentration (M), and Koff (s-1) and Kon (M-1 s-1) are the rate of
desorption and adsorption, respectively. Koff /Kon is the dissociation constant, Kd (M), which is
a constant for a particular combination of protein species and surface. Figure 5-3 shows β as a
function of Kd /C. As expected, half of the possible surface sites are filled (β=0.5) when the
concentration is the same as Kd. In the model, I assume that the surface is homogenous, the
protein concentration in the solution along the channel is constant (which is justified by the
trench being open to the flow channel), and that there is no interaction between the adsorbed
molecules.
For a single slice, the change in cross sectional area when all the possible sites are filled
with protein molecules is just
(5-10)

Δ𝐴𝐴𝑚𝑚𝑚𝑚𝑚𝑚 = 𝑁𝑁𝑚𝑚𝑚𝑚𝑚𝑚 𝐴𝐴𝑝𝑝 .

The maximum number of proteins that can adsorb on the surface of a slice, Nmax, is
𝑁𝑁𝑚𝑚𝑚𝑚𝑚𝑚 =

(2H + W)
.
d

(5-11)

Substituting Eq. (5-11) and the expression for Ap in Eq.(5-10), ∆Amax can be rewritten as
Δ𝐴𝐴𝑚𝑚𝑚𝑚𝑚𝑚

(2H + W) d 2 𝜋𝜋
W
=
𝜋𝜋 � � = �𝐻𝐻 + � d.
d
2
2
2
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(5-12)

Figure 5-3: A simulation plot of the Langmuir model. See text for details.

The fraction of available sites filled by protein molecules at equilibrium is
ΔA
Γ𝑜𝑜
=
= 𝛽𝛽,
ΔA𝑚𝑚𝑚𝑚𝑚𝑚 Γ𝑚𝑚𝑚𝑚𝑚𝑚

(5-13)

such that

(5-14)

ΔA = 𝛽𝛽ΔA𝑚𝑚𝑚𝑚𝑚𝑚 ,

where ∆A is the change in cross sectional area at equilibrium. Substituting Eq. (5-14) in Eq.
(5-7), I get
𝑅𝑅̕𝑛𝑛 =

𝑅𝑅𝑛𝑛
.
𝛽𝛽ΔA
(1 − 𝐴𝐴𝑚𝑚𝑚𝑚𝑚𝑚 )
𝑠𝑠

(5-15)
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The impedance of the nanochannel at equilibrium is therefore

𝑅𝑅𝑅𝑛𝑛𝑛𝑛

𝑠𝑠

𝑠𝑠

∑𝑠𝑠𝑛𝑛=1 𝑅𝑅𝑛𝑛
𝛽𝛽ΔA𝑚𝑚𝑚𝑚𝑚𝑚
= � 𝑅𝑅𝑅𝑛𝑛 = � 𝑅𝑅𝑛𝑛 /(1 −
)=
𝛽𝛽ΔA
𝐴𝐴𝑠𝑠
1 − 𝐴𝐴𝑚𝑚𝑚𝑚𝑚𝑚
𝑛𝑛=1
𝑛𝑛=1
𝑠𝑠
𝑅𝑅𝑛𝑛𝑛𝑛
.
𝛽𝛽ΔA
1 − 𝐴𝐴 𝑚𝑚𝑚𝑚𝑚𝑚
𝑠𝑠

=

For β∆Amax << As,
𝑅𝑅𝑅𝑛𝑛𝑛𝑛 ≃ 𝑅𝑅𝑛𝑛𝑛𝑛 �1 +

(5-16)

𝛽𝛽ΔA𝑚𝑚𝑚𝑚𝑚𝑚
�.
𝐴𝐴𝑠𝑠

(5-17)

If I let ∆Rnc = R̕nc - Rnc, I can calculate the normalized impedance change at equilibrium as
Δ𝑅𝑅𝑛𝑛𝑛𝑛
ΔA𝑚𝑚𝑚𝑚𝑚𝑚
= 𝛽𝛽
.
𝑅𝑅𝑛𝑛𝑛𝑛
𝐴𝐴𝑠𝑠

(5-18)

Now consider a nanotrench array with M nanotrenches, as shown in Figure 5-4(a). The
equivalent circuit when the top of the nanotrenches is closed by the flow channel membrane
such that nanochannels are formed is shown in Figure 5-4(b). The total impedance of the
nanochannel array is
1

𝑅𝑅𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎

𝑀𝑀

=�
𝑖𝑖=1

1
1
M
=�
=
,
𝑅𝑅𝑖𝑖
𝑅𝑅𝑛𝑛𝑛𝑛
𝑅𝑅𝑛𝑛𝑛𝑛

since Ri = Rnc. Therefore,
𝑅𝑅𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎 =

𝑅𝑅𝑛𝑛𝑛𝑛
.
M

𝑅𝑅𝑅𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎 =

𝑅𝑅𝑅𝑛𝑛𝑛𝑛
.
M

𝑀𝑀

(5-19)

𝑖𝑖=1

(5-20)

Upon protein adsorption, the nanochannel array impedance at equilibrium similarly becomes
(5-21)
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Substituting the expression for R’nc obtained from Eq. (5-16), in Eq. (5-21), R’array can be
rewritten as
𝑅𝑅𝑅𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎 =

𝑅𝑅𝑛𝑛𝑛𝑛
1
.
M 1 − 𝛽𝛽ΔA𝑚𝑚𝑚𝑚𝑚𝑚
𝐴𝐴

(5-22)

𝑠𝑠

The normalized impedance change at equlibrium is

𝑅𝑅𝑅𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎 − 𝑅𝑅𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎
𝑅𝑅𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎

𝑅𝑅𝑛𝑛𝑛𝑛
𝑅𝑅𝑛𝑛𝑛𝑛
M
− M
𝛽𝛽ΔA𝑚𝑚𝑚𝑚𝑚𝑚
1 − 𝐴𝐴
1
𝑠𝑠
=
=
−1
𝑅𝑅𝑛𝑛𝑛𝑛
𝛽𝛽ΔA𝑚𝑚𝑚𝑚𝑚𝑚
1
−
M
𝐴𝐴𝑠𝑠

𝛽𝛽ΔA
1 − 𝐴𝐴𝑚𝑚𝑚𝑚𝑚𝑚
1
𝑠𝑠
−
=
𝛽𝛽ΔA𝑚𝑚𝑚𝑚𝑚𝑚
𝛽𝛽ΔA𝑚𝑚𝑚𝑚𝑚𝑚
1 − 𝐴𝐴
1 − 𝐴𝐴
𝑠𝑠
𝑠𝑠

=

𝛽𝛽ΔA𝑚𝑚𝑚𝑚𝑚𝑚
𝐴𝐴𝑠𝑠
.
𝛽𝛽ΔA
1 − 𝐴𝐴𝑚𝑚𝑚𝑚𝑚𝑚
𝑠𝑠

(5-23)

For β∆Amax << As, if I let ∆Rarray = R̕array – Rarray, the normalized impedance change at
equlibrium can therefore be approximated as
ΔR 𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎 𝛽𝛽ΔA𝑚𝑚𝑚𝑚𝑚𝑚
=
.
𝑅𝑅𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎
𝐴𝐴𝑠𝑠

(5-24)

Additionally, substituting Eq. (5-12) and the expression for As, ∆Amax /As can be
rewritten as

and

𝜋𝜋
W
ΔA𝑚𝑚𝑚𝑚𝑚𝑚 2 �𝐻𝐻 + 2 � 𝑑𝑑 𝜋𝜋 d
d
=
= � + �,
𝐴𝐴𝑠𝑠
𝐻𝐻𝐻𝐻
2 W 2H
Δ𝑅𝑅𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎
𝜋𝜋 d
d
= 𝛽𝛽 � + �.
𝑅𝑅𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎
2 W 2H

(5-25)

(5-26)
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Figure 5-4: (a) A nanochannel array with M single nanochannels. (b) Equivalent circuit of the nanochannel array.

Figure 5-5: Simulated plot of normalized impedance change of a nanochannel array as a function of the change of
effective surface area with various β.
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Note that Eq. (5-24) shows a linear relationship between β and the normalized
impedance change. Figure 5-5 shows the calculated normalized impedance change as a
function of

ΔAmax
𝐴𝐴𝑠𝑠

for several values of β. For example, a potential 1% change in cross

sectional area results in a 1% change in the impedance when β is one, but only a 0.25% change
when β is 0.25. According to the model, there are several approaches that can be utilized to
increase the sensitivity of a nanochannel sensor: (1) use receptor molecules with the smallest
possible dissociation constant in order to increase β to be as close to one as possible for
detection of a given desired minimum concentration of analyte, and (2) according to Eq. (5-23)
and Eq. (5-24), design the nanochannel to be as small as possible so that

ΔAmax
𝐴𝐴𝑠𝑠

is as big as

possible (with the limit being 1). This naturally increases the challenge of fabricating the
nanotrenches.

5.3

FABRICATION
In this section, the fabrication of a dynamic nanochannel device is presented, including

fabrication of quartz fluid channels, nanotrench arrays, and PEGDA layers, and bonding to
create a final device.

5.3.1

Quartz Fluid Channel and Nanotrenches
Fabrication begins with a 1 cm x 1.2 cm quartz substrate that is diced out of a 4 in.

diameter quartz wafer (University Wafer). The quartz fluid channel fabrication flow is shown
in Figure 5-6(a). A 250 nm Cr film was deposited using electron-beam evaporation onto the
quartz sample to pattern as an etch mask. A thin layer of hexamethyldisilazane (HMDS) was
then spin coated as an adhesion promoter for photoresist. AZ3330 photoresist (AZ Electronic
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Materials, NJ, USA) was spin coated at 5000 rpm for 60 seconds, and hot plate baked at 90 °C
for 60 seconds. The sample was exposed in a Karl Suss Mask Aligner for 9 seconds and then
developed in AZ300MIF developer for 60 seconds, followed by baking at 110 °C for 5 minutes
on a hot plate. The chrome was etched by placing it in a glass container filled with CR-7
chromium etchant for 2 minutes. The photoresist was then removed. An STS ICP (inductively
coupled plasma) etcher was used to etch the quartz with an etch rate of ~5 nm/s. The etch
selectivity between quartz and chrome is approximately 30:1. As a result, the maximum etch
depth is ~6 µm with 250 nm thick chrome. To create a deeper channel (> 6 µm), I repeat the Cr
deposition, photolithography process and STS dry etch, because a thicker Cr layer (>270 nm)
has many cracks due to the large internal stress generated in the deposition process. Figure
5-6(b) shows a microscope image of a quartz sample with a fluid channel ~14 µm deep and
~100 µm wide measured using a profilometer (Tencor instruments, USA). The pedestal width
is 27 µm. The right image in Figure 5-6(b) is an actual profilometer scan across the fluid
channel, which shows the depth and width of the fluid channel.
Nanotrenches were created using the FIB to mill trenches into the quartz pedestal.
A 30 nm thick layer of aluminum was evaporated onto the quartz sample using an electronbeam evaporator to decrease charging during milling. A total of 99 trenches were milled into
the surface of the quartz pedestal, as shown in Figure 5-7. The top image is a microscope
image of the quartz pedestal, and the bottom two images are scanning electron microscope
(SEM) images of the nanotrenches. SEM images were taken to determine the profile, width
and depth of the nanotrenches. To measure the depth of the nanotrenches, a small portion of
the pedestal was milled to expose the cross section of three of the nanotrenches.
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Figure 5-6: (a) The schematic process flow for quartz fluid channel fabrication. (b) Left: a microscope image of a
quartz fluid channel. Right: a profilometer scan trace.

Two SEM images were taken because the quartz sample was processed twice in the
FIB during the process of creating the 99 trenches. The first 47 trenches, counting from left to
right, were milled before the FIB broke down due to a chamber vacuum issue, and three of the
trenches were measured after the tool was fixed, as shown in the left SEM image. The left
SEM image shows three triangular-shaped trenches with an average top width of 195 nm, an
average middle width of 63 nm, and a height of 650 nm. The other 52 trenches were milled
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later after the FIB was fixed. Three of the trenches are visible in the right SEM image, which
shows three triangular-shaped trenches with an average top width of 62 nm, an average middle
width of 49 nm, and a height of 400 nm. The sample was then placed in a glass container with
nanostrip at 90 °C for 15 minutes to remove the aluminum layer. After the aluminum layer was
completely removed, the sample was rinsed with DI water, acetone, and isopropyl alcohol
(IPA) followed by blow drying with nitrogen.
The first 47 trenches are much deeper and wider than the other 52 trenches, which is
possible a side effect of the vacuum issue. However, before a new sample could be milled, the
FIB was broken again and was down for nearly two months. As a result, this sample was
utilized to conduct all the experiments presented in this chapter.

Figure 5-7 Top: a microscope image of the quartz pedestal. Bottom: SEM images of FIB nanotrenches on an Alcoated quartz pedestal.
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5.3.2

PEGDA Control and Membrane
A PEGDA valve consists of a control layer (top) and a membrane layer (bottom). Two

different PEGDA formulations were used: (1) a thermal-initiated prepolymer solution that
contains 0.01% (w/w) azobisisobutyronitrile (AIBN) in PEGDA for the control layer, and (2) a
photoinitiator

prepolymer

solution

that

has

0.015%

(w/w)

2,2’-dimethoxy-2-

phenylacetophenone (DMPA) with PEGDA for the membrane layer.
Figure 5-8(a) shows the fabrication process flow for the PEGDA control layer. The
mold for the control layer was fabricated using SU8 photoresist spin coated on a clean silicon
wafer with a thickness of ~80 µm. Poly-PEGDA spacers were sandwiched between the mold
and a 3.5 in. glass wafer, utilized as a cover. The mold height was determined by the polyPEGDA spacers (~500 µm). A pipette filled with the prepolymer containing AIBN was used to
insert the solution into the cavity between the cover glass wafer and the mold. To complete the
polymerization, the mold was placed in an oven and baked at 80 °C for 2 hours. After
polymerization was completed, the mold was taken out, and the glass cover was removed from
the mold. The polymerized control layer was then removed from the mold, cut with a razor
blade into the desired size, and an input hole was created using a CO2 laser. To make sure the
polymer could be easily removed from the mold after polymerization was completed, the
surface of the mold was treated with perfluorosilane prior to molding the PEGDA. This was
done by placing the PEGDA mold in a sealed glass container with one drop of perfluorosilane
inside and baking at 70 °C for 15 minutes.
The membrane layer fabrication process is shown in Figure 5-8(b). Two glass slides
were cleaned with acetone and IPA, blow dried with nitrogen, and baked in an oven at 150 °C
for 5 minutes. One glass slide was placed on top of a 4 in. silicon wafer with pieces of Mylar
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film situated on the glass slide as spacers. The other glass slide was placed on top of Mylar
spacers. The membrane thickness was determined by the Mylar film thickness, which is 42
µm. A syringe filled with 70 µL of prepolymer containing DMPA was used to introduce the
solution into the cavity between the two glass slides. To polymerize the membrane in the glass
slides, UV exposure at 365 nm for 110 s (560 mJ/cm2) was applied. After polymerization was
completed, the top glass slide was removed.

Figure 5-8: Overview of (a) poly-PEGDA control layer and (b) membrane layer fabrication. See the text for
details.
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Immediately after the top glass of the membrane layer was removed, a PEGDA control
layer was bonded onto the membrane layer. Figure 5-9(a) shows the process for bonding a
PEGDA control layer to a membrane layer. A custom-made clamp was utilized to make sure
the two layers were in good contact. Two subsequent UV exposures at 365 nm were needed to
bond the control and membrane layers. The clamp was first placed in a Karl Suss mask aligner
for 6 minutes with a dose of 1.84 J/cm2. The second exposure was done by putting the clamp
under a Spectroline SB100PR UV lamp for an additional dose of 12 J/cm2, which required a 4
minute-exposure. Once the control and membrane layers were bonded, the inlet/outlet holes of
the fluid channel were created using a CO2 laser, and the bonded control/membrane layer was
removed from the glass slide, and rinsed with IPA to clean the surface and remove any debris
generated during CO2 laser cutting.

5.3.3

Bonding PEGDA Control Valve to Quartz Fluid Channel
After the bonded control and membrane layers were cleaned, they were ready to align to

the quartz fluid channel sample and be clamped together, as shown in Figure 5-9(b). Prior to
clamping, 3-(trimethoxysilyl)propyl methacrylate was deposited on the quartz sample by
immersing the sample in anhydrous toluene solution with 5% trifunctional methacrylate silane
for 2 hours. In the process of bonding the control/membrane layer to the quartz sample, a
vacuum was applied to the control input to prevent the PEGDA membrane from bonding to the
pedestal. The clamp was placed under the Spectroline UV lamp for 25 minutes to bond the
PEGDA control valve to the quartz sample to form a completed device. Figure 5-9(c) shows a
microscope image of a completed device with a circular control valve. Interference fringes
indicate that the membrane is deflected up after the bonding process.
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Figure 5-9: The process flow of (a) bonding PEGDA control/membrane layers and (b) PEGDA control valve to a
quartz sample with a fluid channel. (c) Top view photomicrograph of a PEGDA valve on a quartz fluid channel
sample.

5.4

EXPERIMENTAL SETUP
Figure 5-10 shows the experimental setup used to control the device and measure

impedance. A piece of PDMS was used to connect external fluid lines to the quartz fluidic
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channel through the PEGDA control/membrane layer. A PDMS piece was fabricated with
holes punched where the control and fluid inlet and outlet were located. The PDMS was then
clamped on top of a completed device, and three stainless steel tubes with connected PTFE
tubing were inserted to connect the fluid and control lines to the device. A regulator connected
to a compressed air line and a vacuum pump were utilized to control the air pressure at 30 psi
and to provide a vacuum pressure at ~14 psi below atmosphere pressure, respectively. They
were connected to a 3-way manifold with a solenoid valve (Clippard EVO-3M-24) to switch
between 30 psi pressure and 14 psi vacuum to the manifold’s output line. The output line was
then coupled to the control line to provide pressure or vacuum to the control layer. A syringe
pump (Harvard Apparatus Pump, PHD 2000) was connected to the fluid input to supply an
aqueous ionic solution into the fluid channel. At the output end of the fluid channel, the
connected PTFE tubing was placed in a glass jar to collect waste solution.
A microscope with a microscope camera (Moticam 1000) was placed above the sample
to enable direct observation of the fluid flow in the channel during injection and the valve’s
operation upon actuation. An impedance analyzer (Agilent 4294A) was used to measure the
impedance as a function of frequency before and after the valve was actuated. When the valve
is open it measures the fluid channel impedance through the conductive solution in the fluid
channel, and when the valve is closed it measures the conductive path through the
nanochannels. To provide a good electrical connection between the impedance analyzer and
the device, two retractable hook tips were used to attach to the two metal tubes inserted in the
inlet and outlet ports. A computer with a custom LABVIEW VI was used to acquire impedance
scans.
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Figure 5-10: The schematic illustration of the experimental setup.

5.5

5.5.1

RESULTS AND DISCUSSION

Valve Performance Evaluation
As a baseline, the performance of a PEGDA control valve on a quartz pedestal without

nanotrenches was evaluated. Evaluation of the valve performance is based on how long it takes
to close, to what degree it closes, and whether the valve functions properly after 1000
actuations. To prepare a device for evaluation, the fluid channel was first filled with 1xPBS
solution through the fluid channel inlet port using the syringe pump. The 1xPBS solution has a
conductivity of 1.6 x 10-2 S/cm [92], which provides a conductive path throughout the channel.
When the valve is open, the conductive path in the channel is unimpeded. When the valve is
closed, the control membrane seals on the top of the pedestal and eliminates the conductive
path in the channel. The changes of the conductive path in the channel can be measured in
terms of the changes of impedance using the impedance analyzer.
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Figure 5-11 shows three impedance scans with solid lines: the scan in red was taken
when the valve was open; the scan in black was taken 1 minute after the valve was closed, and
the scan in blue was taken 2 minutes after the valve was closed. After the valve was actuated,
the impedance increased because the top control membrane deflected down to the quartz
pedestal and reduced the conductive path in the channel. However, it took time for the
membrane to fully seal the channel. The conductive path was eventually sealed by 2 minutes
after the actuation, and as a result the measured impedance is just the parasitic capacitance of
the device and its connecting wires. The dotted lines in Figure 5-11 show the impedance scans
of the same valve after it was actuated 1000 times at 1 Hz and a 50% duty cycle. After 1000
actuations, the valve still closed in 2 minutes, which demonstrated considerable repeatability of
the PEGDA control valve.

Figure 5-11: Result of impedance scans, after the first actuation (the solid lines) and after 1000 actuations (the
dotted lines).
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5.5.2

Nonspecific Adsorption of BSA
After the valve performance test, the same quartz sample was placed in a glass

container filled with fresh nanostrip solution at 90 °C for 5 hours to remove the PEGDA and
any organic residuals on the sample surface. After the nanostrip, the sample was rinsed with DI
water and baked in an oven at 150 °C for 10 minutes prior to patterning nanotrenches on the
pedestal using FIB as described in Section 5.3.1. The bonding process described in Section
5.3.3 was then carried out to attach a new PEGDA assembly.
After bonding, the device was placed in the test setup as described in Section 5.4, and
the flow channel was filled with 1xPBS solution and two impedance scans were taken when
the valve was open and closed, as shown in Figure 5-12 (the red and the black curves). Then a
1xPBS solution with 7.2 µM BSA was introduced at a flow of 40 µl/min for 3 minutes into the
channel when the valve was open. Immediately after BSA injection, the channel was flushed
with 1xPBS also at a flow of 40 µl/min for 3 minutes, and an impedance scan was taken after
the valve was closed, depicted in green.
Figure 5-13 is a zoomed-in view of Figure 5-12 that shows the changes of impedance in
a small range around 1 kHz. At 1 kHz, when the valve was open, the measured impedance is
1.95 MΩ, which is the impedance through the bulk solution in the fluid channel (Rsol). The
calculated impedance with the valve open and a fluid channel with a height of 14 µm, a width
of 100 µm, and a length of 4.5 mm is approximately 2 MΩ, which is consistent with the 1.95
MΩ measured result.

75

Figure 5-12: Impedance scans of the BSA adsorption test.

When the valve was closed, the measured impedance is 4.80 MΩ, which includes the
impedance through nanochannels (Rnc). Rnc can be estimated as the difference in impedance
between the closed (4.80 MΩ) and opened states (1.95 MΩ), which is 2.85 MΩ. The
nanochannel array impedance can be estimated using the measured values shown in the SEM
images. First, the impedance of the 47 and 52 triangular-shaped trenches were calculated,
which were 5.67 MΩ and 26.18 MΩ, respectively. Second, because all the trenches are in
parallel, the nanochannel array impedance is just the impedance of the 47-trench and 52-trench
nanochannels in parallel, which is 4.66 MΩ. The estimate impedance value is higher than 2.85
MΩ measured impedance. This may be due to the actual nanotrench dimensions being wider
and deeper on average than the values measured in the SEM images.
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After the introduction of BSA, the measured impedance when the valve was closed
increased from 4.80 MΩ to 5.12 MΩ. This means that Rnc increased from 2.85 MΩ to 3.17
MΩ, an increase of 11.2 % in the impedance, which is consistent with the expectation that
BSA molecules adsorbed onto the sidewalls of the nanotrenches reduce the effective cross
sectional area of the nanochannels.

Figure 5-13: A zoomed-in view of Fig. 5-12.

Figure 5-14(a) shows an equivalent circuit model for the device, which indicates the
parasitic capacitance (Cp) of the setup, the bulk impedance (Rsol), and the nanochannel array
impedance (Rnc). The parasitic capacitance exists in any electronic circuit or component and is
in parallel with the rest of circuit elements of the system. It dominates the measured impedance
at high frequencies. As mentioned before, Rsol represents the impedance of the 1xPBS solution
in the fluid channel when the valve is open. When the valve is closed and the conductive path
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is sealed over the pedestal, the conductive path through the nanochannels is represented as Rnc,
which can be considered to be in series with Rsol. When the valve is closed the overall device
impedance is the sum of Rsol and Rnc, which it dominates the measured impedance at lower
frequencies. Figure 5-14(b) shows the measured impedance after BSA, the green trace, along
with the calculated result, the red trace, for the equivalent circuit. A parasitic capacitance of
950 fF matches well with the measured impedance.

Figure 5-14: (a) Equivalent circuit of the PEGDA dynamic nanochannel sensor. (b) Impedance
measurement as a function of the frequency after BSA when the valve was closed, along with a simulated
result.
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The change of the effective cross sectional area of the nanochannel array due to the
adsorption of BSA protein molecules can be calculated using Eq. (5-24). The dissociation
constant Kd, for BSA and glass is 5.6 pM [93], which results in β = 0.999 using Eq. (5-8) and
Eq. (5-9). By substituting the value of β and the measured normalized impedance change of
11.2% after the exposure of BSA in Eq. (5-24), the change of the effective cross sectional area
of the nanochannel array ∆Amax/As is 0.112. This means that the adsorbed BSA protein
molecules on the surfaces of the nanochannel array cause an 11.2% reduction of the effective
cross sectional area of the nanochannels.
The change in normalized impedance upon adsorption of protein onto the surfaces of
the nanochannel array is given by

𝛽𝛽𝛽𝛽
2

d

d

�W + 2H�, which is based on a rectangular nanochannel

profile. In the case of the triangular FIB nanochannel array, the relevant relationship can be
calculated by: (1) finding ∆Amax for a triangular trench, which can be approximated as

𝜋𝜋𝜋𝜋d
2

; (2)

finding the new As, which is just the cross sectional area of the triangle, which is HW/2; (3)
calculating the normalized impedance using Eq. (5-24), from which I get
d

ΔR𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎
𝑅𝑅𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎

=

𝛽𝛽ΔA𝑚𝑚𝑚𝑚𝑚𝑚
𝐴𝐴𝑠𝑠

=

𝛽𝛽𝛽𝛽 �W�. With that I can estimate the normalized impedance change due to BSA protein

adsorption. BSA has been reported to be 1.7 x 4 x 4 nm [94]. If I assume BSA proteins are
spherical in shape and 4 nm in diameter, the normalized impedance change caused by a
monolayer of BSA protein for the 47-trench and 52-trench can be estimated, which are 6.4%
and 20.2%, respectively. An overall impedance change can be approximated as a weighted
average of the two calculated values, which is 13.3%, and which is only slightly larger than the
measured normalized impedance of 11.2%. This suggests a single layer covering of the BSA
protein on the nanochannel array surfaces.
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5.6

CONCLUSION
I have successfully designed, fabricated, and tested a dynamic nanochannel array sensor

integrated with PEGDA microfluidics and have evaluated the sensor performance with nonspecific adsorption of BSA. Non-specific adsorption of BSA in nanochannels resulted in an
impedance increase of 11.2 % after a 1xPBS solution with 7.2 µM BSA was introduced into
the channel. The proposed dynamic nanochannel array sensor solves the issue of long response
times of the conventional nanochannel sensors by forming the nanochannels dynamically. For
the dynamic nanochannel approach, the response time of analyte detection is reduced from at
best 1 to 2 hours for typical impedance-based sensing in nanochannels to a period on the order
of a few minutes. The dynamic nanochannel array sensors is attractive because it utilizes the
simplicity of conventional impedance-based nanochannel sensor without suffering the penalty
of long response time.

80

6

LIGHT EMISSION FROM ELECTRODES IN DIELECTROPHORESIS
CONDITIONS

6.1

MOTIVATION
Dielectrophoresis (DEP) is a well-known and effective technique for separating,

controlling, and isolating small biological particles, such as viruses [95], cells [96], and DNA
[97] in aqueous solutions using non-uniform electric fields generated with microelectrodes. A
dipole moment in the objects is induced by the electric field, causing the objects to become
polarized. The polarized particles experience a dielectrophoretic force in the non-uniform electric
field that can move the objects to either high or low electrical field regions depending on the
frequency and intensity of the applied electric field, the size and permittivity of the objects, and
the conductivity of the solution in which the objects are suspended. Non-uniform AC or DC
electric fields can be used. In most cases, an AC electric field is preferred to prevent hydrolysis
and bubble formation at electrode surfaces. Depending on the separation between electrodes,
applied AC voltages can be as large as 20 V, and are typically in the range of 102 to 108 Hz [98,
99].
DEP-based technologies have been utilized for thermal [100] and humidity sensors [101],
particle filtration, microfluidics, cell therapeutics, and biosensors. For biosensors, many efforts
have been directed toward lab-on-a-chip (LOC) biomedical applications [102, 103] in which
DEP provides a simple platform for sample preparation and sensing enhancement. Moreover,
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many detection approaches can be integrated in DEP devices, such as surface plasmon resonance
[104], optical scattering [105], impedance spectroscopy [106], microscopy [107], and, more
recently, fluorescence spectroscopy [108].
Commonly, DEP devices consist of Au interdigitated electrodes patterned on a glass
substrate and separated by a gap typically in the range of 10 to 120 µm [109, 110]. Recently,
Chuang et al. demonstrated an alternative 3D electrode geometry for multi-step manipulation of
human bladder cancer cells in which a transparent conducive material, indium tin oxide (ITO),
was used at the top of a flow channel, and Au electrodes were fabricated at two different heights
on the bottom of the flow channel [111]. ITO was used as the top electrode to facilitate
microscope observation of trapped cells since ITO is optically transparent. In 2015 Chuang et al.
employed a similar geometry with an ITO electrode to successfully demonstrate a DEP biosensor
using fluorescence detection to identify different grades of bladder cancer cells [112].
Use of conductors that are not noble metal as electrodes in fluorescence detection
scenarios

introduces

the

possible

complication

of

extraneous

light

emission

by

galvanoluminescence (GL), which was discovered by Braun in 1898 [113]. In fact, Chuang et al.
noted such light generation in an ITO/Au DEP device [114], although they attributed it to the Au
electrode. However, as a general rule, GL is expected in situations where the conductor can be
covered by an insulating anodic film [115]. Although GL has been known for many years, it is
not well-understood or characterized, likely because it is affected by so many factors, some of
which can be hard to control [116].
In this chapter, I examine GL to identify conditions in which light generation can be
inhibited in order to provide methods to avoid GL, especially for those who use DEP with
fluorescence detection where extraneous light emission from electrodes can be confused with the
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expected fluorescence signal. Specifically, I begin by examining Al/ITO electrodes because we
have observed that they are particularly good at exhibiting GL. I find that if the AC frequency is
high enough such that the voltage between the electrodes is primarily dropped across the bulk of
the fluid rather than across the fluid’s electrical double layer, GL is quenched. I also examine the
emission spectrum of various salt solutions, and find that it is quite broad such that one would
expect a significant fraction of it to pass through many commonly used fluorescence filters.
Finally, I investigate the effect of different materials for the electrodes. I find that in addition to
Au, Cr and Ni also do not give rise to GL and are likely suitable for use as inexpensive DEP
electrode materials.

6.2

EXPERIMENTAL
In this section I first consider the design and fabrication of devices with Al and ITO

electrodes. I then review the experimental setup and AC voltage excitation conditions for GL
measurement and determination of its emission spectrum, the results of which are examined in
Section 6.3.

6.2.1

Device Design
As shown in Figure 6-1, a test device is comprised of a glass substrate on which an

aluminum electrode is patterned and is attached to an ITO-coated glass cover slip with doublesided tape in which a flow channel has been cut. In Figure 6-1(a) the dark blue outline shows the
glass substrate, the light blue region is the ITO-coated cover slip, the double-sided tape with flow
channel is denoted by the dark yellow outlines, the two circles along the red dashed line are the
fluid inlet and outlet, and the grey area shows the location and shape of the aluminum electrode.

83

Figure 6-1(b) is a cross-sectional diagram along the horizontal dashed line in Figure 6-1(a),
showing each of the layers and their corresponding thicknesses.
The circular aluminum electrode in the flow channel is designed to be slightly larger (1.3
mm diameter) than the core diameter of the fiber of the spectrometer (1.0 mm) to maximize light
collection by the fiber. The flow channel is designed to be somewhat wider (2 mm) than the
electrode and is used to introduce and remove fluid. The Al and ITO electrodes on the bottom
and top of the flow channel, respectively, form a parallel plate configuration for applying an
electric field to the fluid in the channel. A GL measurement is commenced when fluid is
introduced into and fills the channel at which point a voltage waveform can be applied and light
emission through the ITO glass cover slip is collected.

6.2.2

Fabrication
The fabrication process is illustrated in Figure 6-2. First, a piece of soda lime glass, 5 in.

x 5 in. and 2 mm thick, is diced into 30 mm x 25 mm dies. Two holes, 1 mm in diameter and
separated by 10 mm, are drilled in each die using a diamond drill bit (UKAM Industrial
SuperHard Tools, CA). To remove any organic contaminants, a nanostrip treatment at 90 °C for
30 minutes is carried out by placing glass dies into a glass container filled with fresh nanostrip
solution. After nanostrip, the dies are rinsed with DI water followed by a blow dry with nitrogen
gas, and dehydration baked in an oven at 150 °C for 10 minutes. A 200 nm layer of aluminum is
then deposited using an e-beam evaporator (Integrity 20, Denton Vacuum, Moorestown, NJ).
After deposition, the aluminum electrode patterns are created by conventional photolithography
and aluminum wet etching, after which the photolithographically-defined photoresist mask is
removed. A piece of PDMS is bonded [49] on the back of the glass die with punched holes for
the inlet and outlet. The PDMS is used to connect external fluid lines to the glass die. The fluidic
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layer is fabricated with double-sided tape (3M Super Strength Molding Tape, 03609)
approximately 1 mm thick. The double-sided tape is first cut into 18 mm x 10 mm pieces. A CO2
laser cutter (40 W Full Spectrum Hobby Laser) is utilized to create a flow channel by cutting
through each double-sided tape piece. After cutting, the tape is placed onto a clean glass
substrate and sufficient pressure is applied to ensure a water-tight seal. The other side of the tape
adhesive is exposed and an ITO coated cover slip is positioned on top of the tape, with the
conductive side facing towards the Al electrode. To create a good seal between the ITO cover
slip and the tape, gentle pressed is applied to the cover slip to push out any trapped bubbles.

Figure 6-1: (a) Device schematic top view. (b) Device cross sectional view along dashed line in (a).
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Figure 6-2: Device fabrication flow.

6.2.3

Experimental Setup
As shown in Figure 6-3(a), GL light emission is measured with a photomultiplier tube

(PMT) (Hamamatsu H10722-20) suspended 10 mm above the device with the 8 mm diameter
photocathode of the PMT centered above the circular Al electrode. It is positioned with an XYZ
micrometer stage (not shown). The device under test is clamped to an aluminum sample holder
such that the upper half of the device in Figure 6-1(a) extends beyond the sample holder to give
access to attach tubing to the PDMS fluid inlet and outlet. The entire assembly is placed in a
light-tight box to prevent the PMT from being exposed to ambient light during a measurement.
To introduce fluid into the device with controllable flow rates, a syringe pump (Harvard
Apparatus Pump, PHD 2000) is connected to the flow channel inlet. Once the flow channel is
filled with solution, the device is ready for GL measurement.
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As illustrated in Figure 6-3(b), a second sample holder is used for spectrometer
measurements. The main difference is that an acrylic piece is clamped on top of the device with
an intermediate PDMS layer. A small hole, approximately 1.3 mm in diameter is drilled through
the acrylic piece and punched through the PDMS. These holes are aligned to each other and to
the circular Al electrode. A 1.3 mm diameter fiber with a 1 mm diameter core is inserted in the
holes and placed against the ITO cover slip directly across from the electrode to collect GL light
emission. The other end of the fiber is connected to an Ocean Optics QE-65 ABS spectrometer.
A function/arbitrary waveform generator (Agilent 33250) is used to apply pulsed AC
voltages to the device. However, the function generator can only supply 20 V peak-to-peak,
which is not sufficient to generate a large enough range of voltages at the device for GL
measurements under all of the conditions I wanted to investigate. The function generator output
was therefore connected to a high voltage op-amp (PAD183, Power Amp Design, AZ)
configured as an amplifier with a gain of ~3.5 such that the maximum peak-to-peak voltage was
~70 V. The output of the high power op-amp is connected with a 50 Ω coaxial cable to the
electrodes of the device.
The function generator is controlled and triggered externally with an Arduino-compatible
32-bit ARM microcontroller (Teensy 3.1, PJRC.com LLC). The microcontroller has two 16-bit
analog-to-digital converters (ADCs), which are used to simultaneously sample the PMT signal
and the voltage applied to a device under test (the latter is measured with a voltage divider so
that it is within the 3.3 V measurement range of the microcontroller ADC). The sampled data is
transmitted in real-time to a computer using custom Matlab (Mathworks) code for storage,
analysis, and display. For emission spectrum measurement, a custom LABVIEW (National
Instruments) VI is used.
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Figure 6-3: The schematic diagrams show two cross-sectional views of how devices are mounted and light collected
by a (a) PMT and a (b) spectrometer.
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6.3

6.3.1

RESULTS AND DISCUSSION

Light Emission Measurements with PMT
The working solutions used in DEP devices comprise a variety of conductive salt

solutions, such as Na2SO4, NaCl, KCl, Na2HPO4 and KH2PO4 [117-119]. I begin our
investigation with a 300 mM Na2SO4 solution, which is introduced into the flow channel of the
device with the syringe pump. The high power op-amp is connected with its positive terminal
attached to the ITO and its negative terminal to the Al. The control voltage (CV) of the PMT is
set to 0.9 V, which provides reasonable PMT gain for measuring the emitted GL light.
Since the GL I observed lasts at most a few milliseconds after applying an AC voltage, I
set up the microcontroller to sample at a 10 µs period for 8000 µs. At 1000 µs the
microcontroller triggers the function generator (which is set to burst mode) to deliver a
sinusoidal AC voltage burst with an integer number of cycles at a specified frequency. The burst
length, frequency, and number of periods that I used are shown in Table 5. For most of the
frequencies, the burst length is 150 µs, and for the others it as close to this as possible given the
constraint of having an integer number of cycles. Note that the number of cycles in a burst ranges
from one for a frequency of 7 kHz to 75 for a frequency of 500 kHz. For each experimental run
under a given set of conditions, the PMT measurement was repeated 21 times with a repetition
period of 10 ms and the results were averaged. This repetition was executed automatically with
the microcontroller.
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Table 5: The summary table of the applied short AC signal
Burst Length(µs)

Frequency(kHz)

Number of periods in burst

150.0

500

75

150.0

100

15

166.7

60

10

150.0

40

6

150.0

20

3

200.0

10

2

142.9

7

1

Figure 6-4(a) shows the average measured PMT signal for a 7 kHz pulse along with the
measured applied peak-to-peak voltage (10.2 Vpp) as a function of time over the range of 900 µs
to 1300 µs. Outside of this range there is no light emission. During the initial negative half-cycle
of the pulse there is negligible light emission, but during the positive half-cycle significant light
is produced. Light generation begins approximately 40 µs (i.e., 4 sample periods) after the
voltage becomes positive, and reaches a maximum at 1130 µs, and continues beyond the end of
the burst cycle. In Figure 6-4(b) I examine the dependence of the emitted light on applied voltage
for voltages ranging from 9.4 Vpp to 11.6 Vpp. Note that once a threshold voltage is reached
somewhere between 9.4 and 10.2 Vpp very little additional voltage is required to dramatically
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increase light production. For example an increase of 1.4 V from 10.2 Vpp increases the peak
light emission by a factor of 6.
Figure 6-4(c) shows the peak light emission as a function of applied voltage for the
sinusoidal AC frequencies in Table 5. Up to a frequency of 60 kHz the peak light emission
exhibits a threshold-like dependence on voltage, although the threshold voltage increases with
frequency by approximately a factor of two between 7 kHz and 60 kHz. However, increasing the
frequency still further results in very little light emission at 100 kHz, and then only at much
higher voltages, and almost no light emission at 500 kHz. This indicates that GL can be avoided
at high enough frequencies, even for electrode materials that otherwise normally exhibit
significant GL.
To understand why, I investigate the frequency dependence of the impedance of our
device. Figure 6-5(a) shows the magnitude of the impedance for a typical impedance spectrum as
measured with an Agilent 4294A Impedance Analyzer when the flow channel is filled with 300
mM Na2SO4. I can model this with the equivalent circuit in Figure 6-5(b), which includes a
parasitic inductance, L, due to the connecting leads and device layout. The parasitic inductance is
in series with the effective capacitance, CDL, of the electric double layer (EDL) at the surfaces of
the two electrodes and the bulk resistance, RBulk, of the salt solution between the electrodes. The
device impedance can therefore be expressed as
1

Z = 𝑗𝑗2𝜋𝜋𝜋𝜋𝜋𝜋 + 𝑗𝑗2𝜋𝜋𝜋𝜋𝐶𝐶

𝐷𝐷𝐷𝐷

+ 𝑅𝑅𝐵𝐵𝐵𝐵𝐵𝐵𝐵𝐵 ,

(6-1)

where f is the frequency. At low frequencies the double layer capacitive term dominates the
impedance, which is what I observe in Figure 6-5(a). Eventually, when the frequency is high
enough, the capacitive term becomes smaller than RBulk such that RBulk dominates the impedance,
in which case the impedance is relatively constant as a function of frequency. Finally, as the
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frequency is increased still further, the parasitic inductance term becomes dominant. As shown in
Figure 6-5(a), there is excellent agreement between the measurement and the model using
estimated circuit values.
For low frequencies where the capacitive term is dominant, nearly all of the applied
voltage is dropped across the EDL at the electrodes, which leads to very high EDL fields since
the EDL Debye length is at most a few nanometers thick. However, when the frequency is in the
range in which the resistance of the bulk solution dominates, very little voltage is dropped across
the EDL such that the EDL electric field is many orders of magnitude smaller. Instead, nearly all
of the voltage is dropped across the bulk solution. Given our experimental measurement results,
GL is clearly associated with a high electric field in the EDL region at one or both electrodes.
This suggests a simple method to avoid GL with electrode materials that would otherwise be
susceptible to GL. First, the impedance spectrum of the DEP device should be measured, and,
second, an operating frequency should be chosen in the resistive region of the spectrum where
the impedance of the bulk solution is dominant. This procedure would also result in more
consistent estimation of the electrical field across the bulk of the fluid of the device.
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Figure 6-4: Light emission with a 300 mM Na2SO4 solution. In each plot the vertical axis is measured light emission
in units of ADC counts (the maximum value is 65,535 since the ADCs have16-bit resolution) (a) Average measured
PMT signal for an applied voltage 10.2 Vpp at 7 kHz for one burst cycle. (b) Same as (a) except vary the applied
voltage. (c) Peak measured PMT signal as a function of applied voltage for different frequencies.
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Figure 6-5: (a) Measured and estimated device impedance spectrum. (b) Equivalent circuit model of the device.

6.3.2

Light Emission SPECTRA FOR VARIOUS SALT SOLUTIONS
To obtain enough light to measure the GL spectrum, I set the spectrometer integration

time to its maximum, which is 20 seconds. Unless otherwise noted, I applied a 2-cycle 10 kHz
pulse every 10 ms during the spectrometer integration time to generate GL. I also generally
increased the applied AC voltage to increase the light emission to levels that could be measured
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with the spectrometer. In all cases the average dark signal is subtracted from the measured
spectra. The average dark signal was obtained by averaging 15 spectral measurements (each with
a 20 second integration time) prior to applying voltage to a device. A new device was used for
every salt solution tested.
I first consider 300 mM Na2SO4 solution in the flow channel of a device, and compare the
emission spectrum for 10 kHz and 100 kHz pulses. As shown in Figure 6-6(a), each spectrum is
quite broad (~100 nm FWHM), and the shape and peak emission wavelength (~ 550 nm) are
essentially the same. Several narrow spikes are also visible, which appear randomly and nonrepeatably in some of my measured emission spectra. I suspect random electrical noise events
were the cause of these spikes, but were not able to track down their precise source. In any case,
they don’t affect the general spectrum measurements and should be ignored.
As expected, the amount of light produced with pulses of 10 kHz AC voltage is larger
than for 100 kHz. However, the relative amount of light produced at 100 kHz is greater than
what would be suggested by the results in Figure 6-4(c). The reason may be damage to the Al
electrode during the 10 kHz measurement, which preceded the 100 kHz measurement. Figure
6-6(b) shows the Al electrode before and after spectrum measurement. After measurement the Al
electrode is heavily eroded and bubbles can be observed at the top left and bottom portions of the
electrode. I have found that the level of electrode damage is very dependent on the specific salt
species of the fluid. For example, in a new device I used 300 mM (NH4)2SO4 solution to study
the effect of increasing the applied voltage on the measured spectrum, which is shown in Figure
6-6(c). As expected, increased applied voltage results in increased light production. Moreover,
there is a small shift in the spectrum peak toward the blue end of the spectrum. Despite the
maximum applied voltage for the (NH4)2SO4 solution being 40% higher than for the Na2SO4
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solution, there is no observable damage to the electrode surface after measurement (Figure
6-6(d)).
It should be noted that the electrode damage observed in Figure 6-6(b) is also associated
with how long the sample is exposed to AC voltage pulses. For example, electrode damage was
not observed in the device used to collect the data in Figure 6-4(c), which had significantly less
exposure to voltage pulses, even though the same salt solution was used for that device as for the
one in Figure 6-6(b).
I made similar spectrum measurements for 300 mM solutions of K2SO4, MgSO4,
Al2(SO4)3, Na3PO4, K2HPO4, K3C6H5O7, NH4C2H3O2, NaCl, KCl, and KI. The measured spectra
of sulfate-containing (SO4) solutions are shown in Figure 6-7(a), and the others in Figure 6-7(b).
The applied voltage, wavelength of the spectrum peak, and peak intensity for all of the solutions,
as well as whether electrode damage was observed, are presented in Table 6.
All of the tested salt solutions generated light. In the case of sulfate salts, the wavelength
at which peak emission occurs appears to have some dependence on the cation species. Of all the
solutions tested, NH4C2H3O2 has the shortest peak emission wavelength (488 nm) while
K3C6H5O7 has the longest (626 nm). The emission spectrum for each solution is broad, ranging
from ~100 nm to ~200 nm FWHM. Some salt solutions have much stronger emission than others
in terms of the ratio of the peak emission to the applied voltage. The strongest are Al2(SO4)3,
KCl, (NH4)2SO4, and K2HPO4, whereas the weakest are KI, MgSO4, Na3PO4, and Na2SO4. In
terms of Al electrode damage, all of the halogen and sodium containing salts resulted in major
damage. Noticeable, yet minor, damage to the Al electrode was observed with MgSO4. On the
other hand, there was no visible damage of the Al electrode with K2SO4, Al2(SO4)3, K2HPO4,
K3C6H5O7, and NH4C2H3O2.
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Figure 6-6: (a) Spectrum measurements of 300 mM Na2SO4 solution 10 kHz and 100 kHz excitation voltage. (b)
Microscope photos of Al electrode before and after Na2SO4 measurements. (c) Same as (a) except for 300 mM
(NH4)2SO4 at various applied voltages at 10 kHz. (d) Same as (b) except after 300 mM (NH4)2SO4 measurements.

Figure 6-7: The spectrum results for the various salt solutions. See text for details.
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Table 6: Summary of spectrometer measurements for various salt solutions.
Salt Solution

Applied Voltage
(Vpp)

Peak Wavelength
(nm)

Peak Intensity
(counts)

Al Electrode Damage

(NH4)2SO4

26.6

584

100

No

Na2SO4

26.8

550

80

Yes

MgSO4

37.8

573

25

Minor

K2SO4

37.8

586

45

No

Al2(SO4)3

22.8

586

120

No

Na3PO4

37.6

590

40

Yes

K2HPO4

44.8

607

100

No

C6H5K3O7

44.8

626

85

Yes

NH4C2H3O2

37.8

488

95

No

NaCl

22.8

616

35

Yes

KCl

22.8

612

100

Yes

KI

37.8

570

22

Yes

6.3.3

Light Emission Measurements with Various Electrode Metals
I turn now to determining whether light is emitted only at the Al electrode or the ITO

electrode, or both. I also examine GL from alternate electrode materials such as Au, Ni, and Cr.
A simple test device is used in these measurements, a schematic illustration of which is shown in
Figure 6-8(a). It consists of two glass pieces, each with a metal film on one side and attached
with 1 mm thick double-sided tape such that the metal films are on the sides nearest each other.
For metals other than ITO the glass pieces are 1 inch by 1 inch with a thickness of 1 mm and the
metal film (~200 nm thick) is deposited in an electron-beam evaporator. In the case of ITO, an
ITO-coated glass coverslip is used. As illustrated in Figure 6-8(a), a small triangular notch is
laser cut in the top edge of the double-sided tape prior to assembly to serve as a reservoir for salt
98

solution. In each experiment a new device is mounted with the reservoir facing up.
Approximately 5 µL of 300 mM (NH4)2SO4 solution is pipetted into the reservoir for each
measurement reported below.
For this series of measurements a different PMT (Hamamatsu H10721-01) is used that is
connected to a non-inverting amplifier (Hamamatsu C6438-01). This PMT with external
amplifier has an increased frequency response of 50 MHz, compared with 20 kHz for the
Hamamatsu H10722-20 used for the measurements in Section 6.3.1. Moreover, the new PMT is
more sensitive such that the control voltage is set to 0.7 V for all measurements. Instead of a
microcontroller, the output of the amplifier is sampled with a Digilent Analog Discovery USB
Oscilloscope using a sampling period of 0.1 µs to collect 8192 samples for each measurement.
At sample 1000 the Analog Discovery is programmed to trigger the function generator.

Figure 6-8: (a) 3D schematic of the simple DEP device to test GL with different metals. (b) Impedance scan of
the Al/ITO device with 300 mM (NH4)2SO4 solution. See text for details.

I first measure the impedance spectrum of a device having Al and ITO electrodes (Figure
6-8(b)). The impedance spectrum is similar to our flow channel devices in which the impedance
at lower frequencies is dominated by the double layer capacitance of the electrode/solution
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interfaces, followed by a frequency range in which the bulk resistance of the fluid becomes
dominant. I choose an AC frequency of 10 kHz to ensure we are in a region in which GL is
expected. I also switch to using a bipolar square wave rather than a sinusoidal wave, and swap
the high voltage op amp output to connect the positive terminal to the Al electrode and the
negative terminal to ITO.
Measurement results are shown in Figure 6-9(a) for a bipolar square wave pulse with an
amplitude of 11.3 V. Because the high voltage op amp terminals are reversed compared to the
situation for Figure 6-4(a), GL is present during the negative half-cycles of the applied square
wave voltage in Figure 6-9(a). Light detection is indicated by negative measured voltage because
of the non-inverting amplifier. Also, because the response time of the PMT/external amplifier is
so much faster, we can observe that GL consists of many fast spikes. Even with these
differences, the results follow the same trends as in Section 6.3.1.
To identify which electrode produces GL, I first construct a sample in which both metal
films are Al. As seen below, when both electrodes consist of the same conductive material, a
single unipolar square pulse is sufficient to produce GL. I apply a 50 µs pulse (i.e., a half period
of a 10 kHz square wave) with 11.3 V amplitude to the device. Measurement results are shown
in Figure 9(b) in which the generated light is somewhat stronger than for the Al/ITO electrode
case. I then repeat the experiment except with a device that consists of two ITO thin films instead
of Al. The results are in Figure 6-9(c), which shows significantly less light generation. However,
the key point is that ITO does indeed generate GL. I therefore conclude that most of the light I
observe with Al/ITO electrodes is from the Al, but some can be from the ITO.
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I next tested several other metals. Figure 6-9(c), 9(d), and 9(e) show results for samples
with Cr/Cr, Ni/Ni, and Au/Au electrodes. In each case only the occasional random spike is
observed, indicating a lack of GL for these metals.

Figure 6-9: PMT measurements of various devices containing 300 mM (NH4)2SO4 solution under square wave
excitation: (a) Al/ITO, (b) Al/Al, (c) ITO/ITO, (d) Cr/Cr (e) Ni/Ni, and (f) Au/Au
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6.4

CONCLUSION
In this chapter I have reported an investigation of galvanoluminescence to elucidate

conditions under which GL may be present in DEP devices, and some strategies to avoid it. This
is particularly applicable to DEP devices that employ sensitive optical sensing techniques such as
fluorescence. Using a flow channel device with Al and ITO electrodes, I showed that GL can be
avoided by selecting an operating frequency such that the applied voltage is dropped across the
bulk fluid between electrodes rather than across the electric double layer at the interface between
the solution and the electrodes. I also measured the emission spectrum of various salt solutions
used in DEP devices and found that in all cases broadband light is emitted. Furthermore, I found
that Al electrode damage occurs in some salt solutions, but not others. Using a simple device
configuration, I determined that the observed GL occurs not only with Al electrodes, but also
with ITO electrodes, albeit with smaller intensity. I also demonstrated that in addition to Au
electrodes, Cr and Ni electrodes do not exhibit GL and are therefore suitable for use as DEP
electrodes.
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7

7.1

SUMMARY AND FUTURE WORK

SUMMARY
In summary, I have fabricated PDMS microfluidics and integrated them on silicon-based

microcantilever array chips for lab-on-a-chip (LOC) biosensing applications. The bond strength
between the PDMS microfluidic and silicon microcantilever sensor is crucial and has to
withstand the flow rates and pressures under typical operating conditions in order to obtain a
successful experimental run. I developed a new room temperature bonding method using curing
agent as an intermediate adhesive layer to increase the bond strength between PDMS and silicon
surfaces. The bond strength is measured by determining the burst pressure when PDMS-silicon
test samples are subjected to increasing applied pressure. I find that the bond strength of Sylgard
184 is superior to 182 under the same curing conditions. I also find that the room temperature
curing of Sylgard 184 for 6 hours gives an average burst pressure of 433 kPa, which is more than
enough to withstand the induced pressure of various flow rates up to 500 µL/min in the PDMSsilicon sensor device.
I presented the design, fabrication and test results of a new microfluidic pump, capable of
effectively reusing a small sample volume. The pump is designed to use only a sub-µL sample
volume (for the 3-layer pump it was 300 nL) and the sample volume is transferred back and forth
in a flow channel between two reservoirs. In chapter 4, I presented both 2-layer and 3-layer
PDMS reflow pumps, and focused on the operational properties of the pumps themselves, rather
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than integration with sensors. For the 3-layer pump, the effects of pump actuation pressure and
actuation period were investigated, and an average volumetric flow rate as high as 500 µL/min
was demonstrated. I showed also that the reflow pump design can be simplified to use only two
PDMS layers instead of three, which reduces the fabrication complexity. I also demonstrated that
the 2-layer design can pump up to 93% of the sample volume during each half period.
In chapter 5, I designed, fabricated, and tested a working dynamic nanochannel array
sensor with PEGDA microfluidics. First, I examined the valve function with a circular PEGDA
control valve on a quartz pedestal using an impedance analyzer. I successfully demonstrated the
function and stability of the valve, which closed in 2 minutes at 30 psi. Moreover, the same valve
after 1000 actuations can also be closed in 2 minutes at 30 psi. I also used non-specific
adsorption of BSA in the nanochannels to test the change in impedance of the device, which
showed an 11.2% increase after introduction of 7.2 µM BSA.
In chapter 6, I examined GL to identify conditions in which light generation can be
prevented. I began by examining Al/ITO electrodes, because they are particularly good at
generating GL. It is observed that the light emission decreases with the increase of the applied
frequency under the same voltage. On the other hand, the light intensity increases with an
increase in the applied voltage when the operating frequency is fixed. I also examined 12
different salt solutions, such as Na2SO4, K2SO4, MgSO4, Al2(SO4)3, (NH4)2SO4, Na3PO4,
K3C6H5O7, K2HPO4, NH4C2H3O2, NaCl, KCl, and KI, and reported their measured emission
spectra. Finally, I investigated the effect of different materials for the electrodes. I find that in
addition to Au, Cr and Ni do not give rise to GL. To fabricate inexpensive DEP electrodes, Cr
and Ni are suitable candidates.
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7.2

FUTURE WORK
The on-chip reflow pump reported in Chapter 4 can be extended to use PEGDA instead of

PDMS, and then integrated with a dynamic nanochannel array to create a LOC sensor that uses
only a small sample volume (~1 µL or less), as shown in Figure 7-1. With the reflow pumps
made from PEGDA, the nonspecific adsorption of analyte should be decreased resulting in lower
detection limits. Also, an improved detection efficiency should be achieved as a small sample
volume is repeatedly flowed back and forth across a sensor located in a flow channel between
two reservoirs. Figure 7-1 shows the schematic overlay of the on-chip reflow pump with a
dynamic nanochannel array sensor in the middle of the flow channel, indicated as S1. In the
design, there are two reservoirs (R1 and R2) with individual control (pump control 1 and 2), and
two valves (V1 and V2) to control and direct the flow. Moreover, a bypass inlet and a bypass
outlet are designed to assist with the initial filling of the fluid channel with two control valves
labeled as bypass valve 1 and bypass valve 2, respectively. The pink color indicates the fluidic
layer, which is created on a quartz sample using photolithography process and dry etching. The
dark blue color is the PEGDA control device, which consists of a top PEGDA control layer and a
PEGDA membrane.
In chapter 5, the initial attempts for biosensing using a PEGDA dynamic nanochannel
array have been demonstrated using BSA (for nonspecific adsorption), and further optimization
is needed in order to improve the sensitivity of the device, primarily by reducing the nanochannel
cross sectional area and increasing the number of nanochannels. Dynamic nanochannel arrays
can possibly be functionalized with an inkjet technique. The Nordin group has demonstrated the
inkjet functionalization method using a Dimatix DMP 2831 inkjet system in the previous
microcantilever project [120], which can be adapted to functionalize nanotrenches prior bonding
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to PEGDA microfluidics. In addition, Rogers et al. have evaluated the possibility of dual-silane
deposition [121], which can also be an alternative functionalization method.

Figure 7-1: Top view of a fluidic system with an on-chip reflow pump. Only the control and fluidic layers are
shown. See text for details.

Another future improvement is to develop an E-beam lithography and dry etch process
for creating nanochannels to replace the FIB milling process, which is expensive, time
consuming, and incompatible with high-throughput manufacturing. The objective of the efforts
detailed in this section is to develop a rapid and label-free sensing platform for biomedical and
biochemical testing using straightforward impedance-based sensing. The ultimate aim is to
develop a compact, hand-held, high-sensitivity, and low cost sensor suitable for point-of-use
applications.
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